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From my perspective, the English translation of “curiosity” does not do the meaning of “Neugier” full justice. 

It seemingly omits the sense of ravenousness that is incorporated into the German word, emphasizing the 

eagerness and ambition to discover something new or experiencing something unexpected. As researchers 

we are curious and thrive at pursuing the unexplored and novel. Yet with time we grow into appreciating the 

foreseen and resent the unexpected. 

This work I dedicate to my 1-year-old son Jakob, who is a personification of natural “Neugier” and whose 

joyfulness for all that’s new and different is a heartwarming inspiration.  
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I 

Abstract 

Enzymes are the molecular machines orchestrating the chemical processes that define life. 

Following the powerful algorithm of evolution, nature generated a multihued palette of these 

catalysts performing an astonishing diversity of reactions. Their outstanding specificity, efficiency, 

and ability to catalyze reactions at moderate conditions encourages their adoption for 

technological processes. 

As the interest in novel enzymes is surging, the development of tailored catalysts via engineering 

and discovery of adapted enzymes from natural sources both present viable options to meet this 

demand. In the case of oxidoreductases of the GMC family, tremendous effort was hitherto 

invested in the identification of suitable enzyme variants but predominantly relied on manual 

methodology. With the accelerated development of bioinformatic tools, screening platforms and 

DNA sequencing/synthesis in modern times, enormous opportunities arise for this family of 

enzymes that have not been addressed yet.  

In this work, two enzymes of the GMC family, pyranose 2-oxidase (POx) and cellobiose 

dehydrogenase (CDH) were tackled in that regard. For POx, a straightforward bioinformatic 

approach involving a comprehensive database search and phylogenetic analysis and allowed to 

discover a new bacterial POx from Kitasatospora aureofaciens and for the first time elucidated a 

gene transfer of POx between bacteria and fungi. This POx could be produced and characterized 

in great detail, which uncovered a synergistic effect with peroxidases and promising properties for 

applying this enzyme in synthetic lignin revalorization. The well-established fungal CDH from 

Crassicarpon hotsonii was utilized to develop novel high-throughput screening technology based 

on yeast surface display and the fluorescent H2O2 reporter protein roGFP2-Orp1. This screen could 

successfully resolve the small differences in peroxide formation of certain CDH variants and could 

be implemented in flow cytometry analysis, using cell numbers of around 106. This technology is 

regarded as especially suited for directed evolution campaigns of industrially relevant oxidases. 

With this novel technology for the high-throughput screening of oxidoreductases could be 

established that can aid to develop advanced biocatalysts via engineering. Additionally, it could be 

demonstrated how bioinformatic sequence analysis can help to discover new enzymes and resolve 

their origins.  
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Kurzfassung 

Enzyme sind die molekularen Maschinen, welche die chemischen Prozesse des Lebens steuern. 

Basierend auf dem mächtigen Algorithmus der Evolution, hat die Natur eine bunte Palette dieser 

Katalysatoren hervorgebracht, die eine erstaunliche Vielfalt an Reaktionen ausführen. Ihre 

herausragende Spezifität, Effizienz und Fähigkeit, Reaktionen unter gemäßigten Bedingungen zu 

katalysieren, empfiehlt sie auch für die Anwendung in technologischen Prozessen. 

Dem stets steigenden Bedarf an neuen Enzymen stehen die Entwicklung maßgeschneiderter 

Enzyme durch Engineering und die Entdeckung angepasster Enzyme aus natürlichen Quellen 

gegenüber. Im Falle der Oxidoreduktasen der GMC-Familie wurde bisher großer Aufwand in die 

Identifizierung verbesserter Enzymvarianten investiert, wobei man sich überwiegend auf manuelle 

Methodik stützte. Mit der rasanten Entwicklung von bioinformatischen Werkzeugen, Screening-

Plattformen und beschleunigt durch moderne DNA-Sequenzierung und -synthese ergeben sich hier 

enorme Möglichkeiten, die bisher nicht genutzt wurden.  

Diese Arbeit befasste sich dahingehend mit zwei Enzymen der GMC-Familie: Pyranose 2-Oxidase 

(POx) und Cellobiose-Dehydrogenase (CDH). Für POx konnte durch einen einfachen 

bioinformatischen Ansatz, bestehend aus einer umfassenden Datenbanksuche und 

phylogenetischer Analyse, eine neue bakterielle POx aus Kitasatospora aureofaciens entdeckt und 

erstmals ein Gentransfer von POx zwischen Bakterien und Pilzen aufgeklärt werden. Dieses POx 

wurde produziert und ausführlich charakterisiert, was einen synergistischen Effekt mit Peroxidasen 

und vielversprechende Eigenschaften für die Anwendung dieses Enzyms in der synthetischen 

Lignin Verwertung aufdeckte. Die etablierte CDH des Pilzes Crassicarpon hotsonii wurde genutzt, 

um neue Hochdurchsatz-Screening Technologie zu entwickeln, die auf Hefe-Oberflächendisplay 

und dem fluoreszierenden H2O2-Reporterprotein roGFP2-Orp1 basiert. Das so entwickelte 

Screening konnte erfolgreich verwendet werden, um die geringen Unterschiede in der 

Peroxidbildung bestimmter CDH-Varianten aufzulösen und konnte in der Durchflusszytometrie mit 

Zellzahlen von etwa 106 umgesetzt werden. Diese Technologie wird als besonders geeignet für 

Directed Evolution Kampagnen von industriell relevanten Oxidasen angesehen. 

Mit diesen Entwicklungen konnte eine neuartige Technologie für das Hochdurchsatz-Screening von 

Oxidoreduktasen etabliert werden, die helfen kann, maßgeschneiderte Enzyme durch Engineering 

zu entwickeln. Zusätzlich konnte gezeigt werden, wie die bioinformatische Sequenzanalyse helfen 

kann, neue Enzyme zu entdecken und deren Herkunft aufzuklären.  
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Aims and Outline 

Aims 

This work aimed at developing a novel high-throughput screening platform that enables single cell 

analysis and can be adopted for various H2O2 generating and consuming oxidoreductases. It was 

devised to utilize roGFP2-Orp1 as a reporter protein, translating the enzymatic H2O2 formation into 

a quantifiable fluorescent signal. This use of this fusion protein is regarded as superior to diffusible 

detection systems since - as a protein - it allows to be tethered to the cell surface which likely 

renders compartmentalization, a usually critical step, obsolete.  

Pyranose 2-oxidase (Pox) was intended as a role model for the development of this screening, but 

established fungal representatives failed to express in the yeast cell surface format, likely due to 

their tetrameric occurrence. Instead of changing the expression format, we envisioned to identify 

a new POx from previously discovered bacterial representatives which reportedly disobey the 

tetrameric form. We thus focused on identifying a suitable bacterial POx candidate for display 

expression and carried out a comprehensive phylogenetic analysis of available sequences, 

inadvertently discovering a new clade of bacterial POx and elucidating the origins of this enzyme 

in a gene transfer between bacteria and fungi, in silico. Ensuing successful expression and 

characterization of a new POx from K. aureofaciens, we set out to unravel the biochemical function 

of this enzyme during lignin degradation and identified an intricate synergism with peroxidases. 

In continuation of the screening project, cellobiose dehydrogenase (CDH) replaced POx as a 

surrogate since it could be efficiently expressed on the surface of the yeast cells. Our efforts then 

focused on realizing a system for the cell attachment of the roGFP2-Orp1 sensor and 

implementation into the flow cytometry platform. We later aimed at alleviating the roGFP2-Orp1 

side reactivity with oxygen and establishing the screening system with different variants of CDH, 

showing differently pronounced oxidase character.  

Outline 

This thesis is separated into multiple chapters that guide through the topics of enzyme discovery 

and enzyme development. 

In Chapter 1 – Introducing Enzymes an introduction into the topic is provided and guides through the 

various fundamental aspects of enzymes in a holistic view. This chapter is dedicated to discussing 

the role of cofactors in enzymatic catalysis, interaction between enzyme and substrate and enzyme 
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classification. Subsequently, the focus lies on lignocellulose and its degradation and how enzymes 

contribute to the microbial attack of this biopolymer.  This part of the thesis then discusses the 

topic of oxidoreductases and introduces two members of the AA3 family, namely pyranose 2-

oxidase and cellobiose dehydrogenase that were in the center of attention for the experiments 

and analyses of this work. 

Ensuing to the introduction to the relevant background, Chapter 2 – Discovering new Enzymes 

resolves the phylogenetic whereabouts of the pyranose 2-oxidase enzyme and unravels the 

relations of fungal and bacterial representatives of this enzyme. Additionally, the successful 

expression and characterization of new pyranose 2-oxidase from the actinobacterium 

Kitasatospora aureofaciens is highlighted and the elucidation of a synergistic action when working 

in conjunction with manganese peroxidase could be unraveled. Following from that, a potential 

involvement in the enzymatic ligninolytic machinery and importance of the enzyme for bacterial 

litter degraders was debated.  

Enzyme engineering, activity screening platforms and directed evolution were the subjects lined 

out in Chapter 3 – Introducing Enzyme Engineering. There, an introduction into the various aspects of 

enzyme engineering is provided in the beginning and discusses rational design approach and 

directed evolution in the subsequent section. Next, various screening methodologies are 

introduced, and recent advances described before providing a short outlook into future directions 

of screening technology for oxidoreductases.  

Chapter 4 – Developing new Enzymes deals with the establishment of a screening system for oxidase 

activity employing a peroxide sensitive GFP variant as a fluorescent H2O2 reporter. In the beginning 

it is demonstrated how this roGFP2-Orp1 can be used to translate oxidase activity into fluorescent 

signals in solution. With the subsequent expression of cellobiose dehydrogenase variants in the 

yeast surface display format and tethering of roGFP2-Orp1 to yeast cell walls, utilizing a newly 

developed immobilization technique, a single cell screening could be designed and successfully 

employed in a proof-of-concept experiment. 

In the last part of this thesis, Chapter 5 – Conclusion and Outlook the key results and most important 

findings from the mentioned studies are summarized and the relevance of this work is discussed. 

A perspective of future possibilities in the fields of discovering and engineering is also addressed 

and the importance of novel technology to guide its advancement is underlined.  
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Chapter 1 – Introducing Enzymes  

A) Enzymes - the biological catalysts: 

 

Enzymes constitute the many-splendored palette of fundamental processes that create and 

maintain life. They are the macromolecular catalysts that drive the great multitude of biochemical 

reactions and capacitate all organisms with the ability to grow, adapt, reproduce, organize, 

transform energy and interact with their environment (Koshland 2002). Their importance in life is 

also reflected in the human genome, where according to recent estimations an approximate 

quarter of human genes encode enzymes and upwards of 50 % of human genes contribute to one 

or more enzymatic reactions (Berg et al. 2015).  

 

Nature apparently provides a sheer limitless reservoir of these biological catalysts and their diverse 

functionalities have promoted an equally diverse technological exploitation. Enabled by the rise of 

recombinant DNA technology, the utilization of enzymes from microbial sources has advanced as 

a common strategy to improve conventional processes in all fields of the (bio)chemical industry 

(Illanes 2008; Choi, Han, and Kim 2015; Rajendra Singh et al. 2016). Enzymatic reactions supporting 

technical processes have a long history in the food and beverage industry (Raveendran et al. 2018) 

and are well-established in the textile and paper industry (Maciel, Castro e Silva, and Ribeiro 2010). 

Tremendous effort has been invested recently in developing enzyme technology to assist the 

synthesis of fine chemicals and pharmaceutical compounds (Bornscheuer et al. 2012) and to 

include enzymatic catalysis in the valorization of lignocellulosic biomass (Himmel et al. 2007; 

Chundawat et al. 2011; Sheldon 2016). Success in these areas has also spurred the advancement 

of novel bioelectrochemical applications of enzymes in for example biofuel cells and diagnostic 

biosensors (Gonzalez-Solino and Di Lorenzo 2018; Rocchitta et al. 2016). Enzymatic catalysis 

additionally delivers an essential advantage in these industries as it boosts established processes 

by increasing yields and productivity whilst reducing waste and energy demands, as reviews 

highlighted a decade ago (Savile et al. 2010; Woodley 2008). Thus, enzyme technology should be 

understood as indispensable on the path towards greener chemistry and environmentally 
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compatible processes - a common aspect for future perspectives in these industries (Aldridge 

2013). 

 

A nice summary on the fundamentals and principles of enzymatic reactions in the biochemical 

context was compiled into the textbook “Biochemistry” by Berg JM, Tymoczko JL, Gatto GJ Jr. and 

Stryer L (Berg et al. 2015). Some of the most important paragraphs of its Part I, Chapter 8 were 

distilled into this introduction to provide a brief glance on the thermodynamic mechanistic of 

enzyme-catalyzed reactions and explain their mode of action.  

 

1. The thermodynamic equilibrium 

The exceptionality of enzyme catalyzed reactions is sourced in two key features of the biological 

catalysts: specificity and catalytic power.  

 

Enzymatic reactions, as are all chemical reactions, are governed by a thermodynamic equilibrium 

of their reactants or “educts” (A, B) and products (C, D). 

𝐴 + 𝐵 ⇌ 𝐶 + 𝐷   {1}    

Dependent on the position of a specific equilibrium, on the present concentration of educts and 

products and external input of energy, forward and reverse reactions will proceed at different 

speeds until the equilibrium is reached. Once established, the forward and reverse reaction do not 

cease but rather progress at identical rates leading to an apparent stop of the reaction as there is 

no further net change of reactants. In order to delineate this equilibrium, an equilibrium constant 

Keq is defined by the molar concentrations of educts and products.  

𝐾eq =
[C][𝐷]

[𝐴][𝐵]
    {2}    

𝛥𝐺 = 𝛥𝐺𝑜 +  𝑅𝑇 𝑙𝑛
[C][𝐷]

[𝐴][𝐵]
   {3}    

Directly related to Keq is the standard free energy change (ΔG), which characterizes the energy 

difference between educts and products. ΔG is derived from the standard free-energy change ΔGo 
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(reflecting ΔG at standard conditions, specific for the nature of the reaction) and additionally 

accounts for the temperature (T), the gas constant (R) and the concentration of reactants 

participating in the reaction. In a nutshell, a reaction is likely to occur if the free energy of products 

C, D in the final state is lower than the free energy of educts A, B and hence free energy conversion 

can proceed downhill. That means, provided that the ΔG for a reaction  

• is negative, the reaction can take place spontaneously 

• is zero, the reaction is in an equilibrium state 

• is positive, the reaction cannot take place spontaneously but can be initiated if free 

energy is added on the educts side of the thermodynamic equilibrium.  

 

Reactions that are catalyzed by enzymes are also governed by these thermodynamic fundamentals 

and obey the dictate of ΔG: the involvement of enzymes in (bio)chemical reactions leaves the 

position of the equilibrium unaltered. The fundamental ability of enzymes instead lies in lowering 

the energy of activation which tremendously accelerates reaching this particular equilibrium and 

hence increases the reaction rate of the conversion of educts to products. It is quite common that 

the degree of acceleration between the non-enzymatic reaction versus the enzyme-catalyzed 

reaction can differ by factors of 106 and higher. A good display of the catalytic power of enzymatic 

reactions can be deduced from the well-studied example of carbonic anhydrase, one of most 

efficient enzymes characterized. Carbon anhydrase, harboring a zinc prosthetic group, catalyzes 

the reversible formation of carbonic acid H2CO3 from CO2 and H2O at rates of 106 s-1, a reaction 

that would otherwise progress slowly at rates of 5 sec-1 when uncatalyzed (Lindskog 1997).  

 

2. Interaction of substrate and the enzyme’s active site 

Enzymes were designed by nature to specialize in the interaction with their preferred substrates. 

Binding to the substrate is the root cause for lowering ΔG‡ as the complex of substrate and enzyme 

can react via a catalyzed reaction pathway that is characterized by a lower energy transition state 

(X‡). Enzymes are capable of lowering this energetic barrier due to the association of the enzyme’s 

active site residues with the substrate: external forces are imposed onto the substrate which 

results in certain configurational constraints in its movement, brings substrate and co-substrate 

into close vicinity or modifies local electron densities. This can then lead to the formation and 
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disruption of bonds, the transfer of hydrides or the abstraction of protons and electrons (Berg et 

al. 2015; Wongnate et al. 2019). Generally said, the enzyme’s active site allows to hold the 

substrate in a configuration of higher energy (that is more prone to reaction) for an extended 

period of time, a state that would otherwise be short-lived in uncatalyzed reactions. 

Hence, the compatible three-dimensional structure of the active site is what realized substrate 

specificity in a first step and concomitantly drives catalytic efficiently. 

 

3. Cofactors 

To even further multiply the possibilities to interact with their preferred substrates, enzymes have 

adopted the chemical diversity of cofactors. Protein chemists differentiate between cofactors, 

often synonymously referred to as “prosthetic groups” (remain associated with the enzyme, often 

metal ions or flavins) and co-substrates (are bound and released). Both components allow 

expanding possibilities for interaction with the substrate beyond the native set of 20 amino acids 

and often endow the enzyme with specific catalytic features that expand the catalytic repertoire 

and enhance the catalytic power of the enzyme.  

 

In the case of a diverse group of enzymes, the catalysts employ the chemical power of flavins to 

mediate electron transfer reactions. Flavin mononucleotide (FMN) and flavin adenine dinucleotide 

(FAD) are chemical derivatives of riboflavin vitamin B2. In the majority of enzymes known to harbor 

flavonoid cofactors, the FAD or FMN molecule is inserted into the enzyme active site by 

electrostatic and hydrophobic interaction with certain amino acid sidechains only, more seldomly 

the cofactor is covalently attached to a His, Cys or Tyr residue of the protein backbone which was 

suggested to have positive impact on protein stability, cofactor economy and saturation and the 

redox properties amongst others (Joosten and van Berkel 2007).  

These flavin cofactors, although chemically rather uniform, contribute to a wide array of diverse 

biological functions by catalyzing energetically intensive one- and two-electron electron transfer 

reactions. These reactions can span from the synergistic action on peroxidase-mediated lignin 

depolymerization in bacteria and fungi by pyranose 2-oxidase (Wang, Huang, and Ai 2019; Herzog 

et al. 2019) to the photo induced DNA repair of DNA damage during apoptosis by photolyase 

throughout the tree of life (Yamamoto et al. 2017). Flavin coenzymes are maybe most prominent 
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for their role in the oxidation of CH and C-OH groups in various substrates by dehydrogenases and 

the often concomitant activation of molecular oxygen when enzymes are thus referred to oxidases 

or oxygenases (Mansoorabadi, Thibodeaux, and Liu 2007).  

 

 

Figure 1 Structures of flavin coenzymes Flavin mononucleotide (FMN, 1), Flavin adenine dinucleotide (FAD, 2) and 

riboflavin (Vitamin B2, 3). FMN and FAD contain distinctive ribityl moieties: FMN contains a single phosphate (R1) 

where in contrast FAD contains a adenosine monophosphate instead. In all flavins, the isoalloxazine unit is the redox 

active center of the cofactor and occurs in three redox-states: FMN in the double reduced state (hydroquinone), FAD 

in the one-electron semiquinone state and riboflavin fully oxidized. Figure adapted from Mansoorabadi, Thibodeaux 

and Liu, 2007 (Mansoorabadi, Thibodeaux, and Liu 2007). 

 

Generally, more than 25 organic cofactors (vitamins, vitamin derivatives and others) and 8 

inorganic cofactors (metal ion, iron-sulfur clusters) are currently described, with the actual number 

varying depending on the terminological discrimination differing between cofactors and co-

substrate. As different sources seem to be still discordant on the definition of “coenzymes”, 

“cofactors” and “prosthetic groups”, commonly those definitions are synonymously used.  

 

In the case of so termed metalloenzymes, the biological catalysts have adopted metal ions from 

Cu, Fe, Mg, Mn, Md, Ni, Zn to assist their reactions. The utilization of metal ions to assist catalytic 

reactions is a common feature of enzymes in nature as close to one third of known enzymes either 
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contain a metal-ion cofactor or depend on it in another way. The association of metal ions in 

enzymes accompanies a set of chemical features that are more than desirable for the biological 

catalyst: the positive charge, the development of strong but volatile bonds and the possibility to 

shuttle electrons between usually more than one redox state (Berg et al. 2015). In the special case 

of heme, the cofactor is a combination of an inorganic Fe(II)/Fe(III) metal ion, which is coordinated 

by an organic porphyrin ring to center the metal ion. Also, Fe-S-cluster represent a specialty in 

cofactor chemistry where in prominent enzymes such as ferredoxins, the Fe2-S2 cluster is 

coordinated by cysteines in the active site and fulfills electron transfer reactions during 

photophosphorylation reactions in photosynthesis (Bugg 2009). 

 

 

Figure 2 PyMOL protein model of cellobiose dehydrogenase (CDH) from Crassicarpon hotsonii (formerly Myriococcum 

thermophilum) harboring an organic FAD cofactor (yellow frame) in its dehydrogenase domain and a protoporphyrin 

IX partnered with an iron central ion (Heme b, red frame) in its cytochrome domain. When a suitable sugar substrate 

is oxidized at the CDH dehydrogenase domain electrons are withdrawn from the substrate by the oxidative power of 

the adjacent FAD. These electrons are then shuttled to the neighboring cytochrome domain one-by-one in a process 

that is not fully resolved yet. The CDH enzyme can make use of the electrons stored at the heme cofactor when 

supplying enzymes involved in the disintegration of crystalline cellulose (Kracher et al. 2016). 

Contrasting to the group of metalloenzymes, enzymes is often associated a small, usually less than 

1 kDa, organic compound serving the catalyst as a cofactor. Many of the known organic cofactors 

are derived from vitamins and need to be supplied through the human nutrition as they cannot be 

synthesized (in sufficient amounts) de-novo. Prominent examples include FMN/FAD which 
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participate in electron transfer reactions and are derived from riboflavin (Vitamin B2), or 

Menaquinone (Vitamin K) which is described for its interaction with carbonyl groups. The case of 

dihydrofolate reductase represent a special case to underline the dependency of the human 

physiology on cofactor-dependent enzymatic catalysis: Dihydrofolate reductase is commonly 

known for its ability to transform folic acid (Vitamin B9) into tetrahydrofolic acid (THFA) which is 

essential for the biosynthesis of nucleotides for DNA synthesis. For its catalysis, the enzyme relies 

on NADPH, a derivative of niacin (Vitamin B3). The synthesized THFA is also further utilized in the 

formation of methionine, which is catalyzed by methionine synthetase, a cobalamin (Vitamin B12) 

dependent enzyme (Lee et al. 2012).  

 

4. Categorization and classification of enzymes 

Enzymes can be categorized by their activity as they employ fundamentally different biochemical 

functionalities. This categorization is reflected in a nomenclature which is guided by the Committee 

of the International Union of Biochemistry and Molecular Biology (IUBMB) and establishes seven 

distinct classes of enzymes (Kennedy and Lloyd 1994; Tipton and Boyce 2000): Oxidoreductases 

(EC 1), Transferases (EC 2), Hydrolases (EC 3), Lyases (EC 4), Isomerases (EC 5), Ligases (EC 6) and 

Translocases (EC 7). These classes can be progressively sub-classified further defining the 

substrates and site of action. As an example, the class of Oxidoreductases EC 1 enzymes is 

principally subdivided according to their site of action, whether CH-OH (EC 1.1), aldehyde or oxo 

groups (EC 1.2) or one of the many others is acted on by the enzyme. As a ensuing sub-division, 

these categories are then further categorized according to the acceptor molecular used in the 

reaction. For EC 1.1 the oxidation reaction of CH-OH groups can be performed with a wide variety 

of electron acceptor molecules. Prominently, NAD(P)+ (EC 1.1.1), cytochrome (EC 1.1.2), oxygen 

(EC 1.1.3) or quinones (EC 1.1.5) amongst others should be stated here. The previously mentioned 

example of the FAD-containing pyranose 2-oxidase can be found within the EC 1.1.3 category since 

it utilized oxygen to oxidize sugars at their CH-OH group. Although quite similar in its oxidation 

reaction and most likely evolved from a not too distant common ancestor, the afore mentioned 

two-domain cellobiose dehydrogenase enzyme is categorized as EC 1.1.99. Subgroup 1.1.99 

considers an unknown physiological electron acceptor. With more knowledge gained on the 
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physiological whereabouts of the CDH enzyme in recent times, this categorization seems to be up 

for debate (Kracher et al. 2016; Sützl et al. 2018). 

Independent from this general and mechanistic categorization of enzymes by the UIBMB, enzymes 

can also be classified by their physiological function, as is the case for the renowned carbohydrate-

active enzymes database (CAZy). This database archives data and describes enzymes that are 

involved in the creation, modification or degradation of glycosidic bonds and was initiated by 

researches from the field in 2013 (Levasseur et al. 2013; Lombard et al. 2014). The constituting 

enzymes in the CAZy database – the so-called CAZymes - are responsible for the biochemical 

generation and degradation of polysaccharides and hence play a vital role in the interplay of 

formation and break down of plant cell wall polysaccharides, the most abundant natural polymer. 

As such, these enzymes is also ascribed a great importance in the biotechnological industry; in 

biofuel processing applications especially since their utilization often allows to break the persistent 

polysaccharides into their commonly more valuable monosaccharide constituents. One of the key 

features of this collection of enzyme data is that the classification is rooted in the structure and 

molecular mechanism of its enzymes. Currently 300 different CAZyme families are organized in this 

collection where entries are separated into the classes Glycoside Hydrolases (GH), Glycodyl 

Transferases (GT), Polysaccharide Lyases (PL), Carbohydrate Esterases (CE) and Auxiliary Activity 

(AA) CAZymes which are redox enzymes working in conjunction with enzymes from the other 

classes. Generally, these classes are further subdivided into families that are structurally and 

functionally related.  
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5. Versatile Oxidoreductases 

A mechanistic view 

The class of EC 1 represents oxidoreductases and summarizes the various sub-classes of enzymes 

that are able to transfer hydrogen or electrons and oxygen atoms in balancing oxidation and 

reduction reactions. Generally, the class of oxidoreductases represents an astonishingly versatile 

class of enzymes that catalyze a wide multitude of redox reactions of an even wider array of 

substrates. In the exchange of electrons and redox equivalents the compound donating electrons 

is oxidized, electrons are transferred and concomitantly the compound receiving electrons is 

reduced. 

 

AH + Boxidized  →  A + BHreduced    {4}    

A + O   →  AOoxidized   {5}    

 

The enzyme’s tendency to receive or donate electrons from suitable substrates can be understood 

as an (electro)chemical equilibrium. Each functional redox center able to mediate electron 

transfers can be assigned a potential – usually given in milli volts (mV) and often referred to as 

electrochemical midpoint potential Em. This potential is a means to describe the thermodynamic 

force to receive and donate electrons. In a series of electron transfer events, redox centers with a 

lower Em will donate electrons whereas, vice versa, components with a high Em will receive 

electrons. As is typical for a chemical equilibrium, the absolute difference in redox potentials 

between donor and acceptor molecular determines the rate of reaction, which in the case of many 

oxidoreductases, is the general energy barrier and contributes substantially to the ΔG of the 

reaction. (Christgen, Becker, and Becker 2019).  

 

With the increase in atmospheric oxygen concentrations approximately 600 million years ago, 

enzyme evolution was challenged with the abundantly present electron acceptor O2, a molecule 

endowed with a soaring electrochemical force. For the enzyme catalysts that are oxidoreductases, 

harnessing this potent electron acceptor comes at the expense of needing to:  

• adapt the enzyme architecture and active site to make O2 accessible as co-substrate 
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• prevent or at least manage the often harmful byproducts generated during oxygen 

reduction (Romero et al. 2018). 

Having evolved to utilize various oxygen species, oxidoreductases generally rely on the presence 

of cofactors (FMN, FAD, pterins, quinones and complexed metal ions) to tame the reductive power 

of O2 and H2O2 and help orchestrating electron transfer processes (Xu 2005).  

A prominent example to display the processes of electron transfer between oxygen and cofactor 

in oxidoreductases is presented here for the activation of O2 by FAD. The majority of enzymes 

containing a flavin cofactor (FAD, FMN) is involved in electron transfer reactions. The difference in 

redox potentials between the O2/H2O2 transition and the FADox/FADred transition of free FAD 

accounts for nearly 500 mV and underlines the exceptional reactivity of this redox couple (Massey 

Vincent 1994). As is described in the following, FAD can directly interact with O2 and mediate two 

subsequent electron transfers onto O2, establishing a short-lived superoxide anion radical and 

releasing H2O2 ultimately or introducing oxygen into molecules.   

 

 

Figure 3 Catalytic pathways of the FAD cofactor with O2. In the reduced ground state, the N5 of the isoalloxazine ring 

of the flavin is present as a N5H. Upon association with O2, a single electron is abstracted from the FAD conjugated 

ring and transferred to O2 to form a superoxide anion O2
•-, leaving the other electron in the now semiquinone FAD 

(radical) behind. In most oxidases, this radical couple is then resolved with H+ proton transfer in a second oxidation 

step and causes the formation of H2O2 and an oxidized N5. In monooxygenases and few oxidases like pyranose 2-

oxidase, a short-lived hydroperoxyflavin intermediate occurs when the radical pair collapses. This species can be 

stabilized and be spontaneously released as H2O2 or introduces oxygen establishing a hydroxy-flavin before returning 

to the reduced FAD. Figure from Chaiyen, Fraaije and Mattevi, 2012 (Chaiyen, Fraaije, and Mattevi 2012). 
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If this reaction cycle involves the formation of a ternary complex where the oxidized substrate is 

associated with the FAD cofactor, then the reaction is referred to as “ternary complex mechanism” 

whereas if the oxidized substrate is released prior the regeneration of the oxidized FAD the 

reaction mechanism is from the “ping-pong” type (Mattevi 2006). 

 

The class of oxidoreductases can further be subdivided depending on the nature of the electron 

acceptor: enzymes endowed with the ability to activate oxygen are generally referred to as 

“oxidases” whereas those which prefer to reduce organic compounds or complexed ions instead 

are called “dehydrogenases” (Romero et al. 2018; McDonald et al. 2011). 

• If O2 is activated and receives electrons and H+ to generate H2O2, the oxidoreductase is 

termed “Oxidase” 

• If O2 is activated and introduced into an organic molecule, oxidoreductases are referred to 

as oxygenase or hydroxylase.  

• If H2O2 is the primary electron acceptor and is reduced to water, oxidoreductases are called 

“peroxidases” wherein the special case of “catalases”, H2O2 is disproportionated rather 

than reduced and yields O2 and water. 
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B) Lignocellulose: its constituents and enzymatic degradation 

6. Lignocellulose 

Plants have mastered the ability to convert sunlight into energy and with it amass the majority of 

terrestrial biomass. Feeding on CO2 and H2O, plants are able to fixate atmospheric carbon and have 

developed biochemical pathways to convert light energy into chemical energy, storing molecules 

of high energy such as sugars and phenols whilst forming O2 is a byproduct. These molecules are 

commonly arranged into complex and recalcitrant polymers to ease energy storage, build 

mechanically stable scaffolds for growth, and prevent hostile attack on these energy dense 

structures by microorganisms. Still, the assimilation of light energy into organic compounds is the 

grand mechanism and vital origin for delivering the predominant carbon source for life on this 

planet and many enzymatic systems have evolved to make this packed energy available (Eastwood 

et al. 2011; Mäkelä, Donofrio, and De Vries 2014; de Gonzalo et al. 2016; Andlar et al. 2018) .  

Although the cell wall composition of plants is subject to great variation, three major polymer 

constituents make up most of the plant biomass and are found in all plant tissues: cellulose, 

hemicellulose, and lignin. Based on the spatial organization of these polymers in the secondary cell 

wall, a network of chemically distinct compounds forms a biological superstructure - a composite 

material that is interconnected by a multitude of interactions.  Glucose monomers that accumulate 

from photosynthesis are activated chemically and connected by synthetase enzymes to form long 

cellulose chains. Several of these chains then assemble into crystalline cellulose bundles called 

microfibrils, recalcitrant structures that are distributed laterally in the plant tissue to form a web 

providing the plant tissue with tenancy (Loix et al. 2017; Andlar et al. 2018).  
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Figure 4 Scheme of the plant cell wall composition. The structure of a plant’s cell can be categorized into two 

subgroups depending on the composition: the primary and secondary cell wall. The latter occurs mainly in plant 

tissue that provide mechanical robustness. The cell wall’s major components are cellulose, which is arranged in 

microfibrils, hemicellulose and lignin. Figure modified from Loix et al. (Loix et al. 2017). 

Hemicellulose is similar to cellulose in that it is composed of sugar monomers but generally, 

hemicellulose strings are shorter in length. As in the case of cellulose, glucose monomers are the 

sole constituents which are linearly connected via glyosidic bonds. In hemicellulose different 

pentose and hexose sugars are found including xylose, arabinose, galactose, glucose and mannose 

which are polymerized with at least partial glyosidic branching. The composition and the degree of 

branching are usually varying a lot depending on plant and tissue type (Scheller and Ulvskov 2010). 

Within the cellulose mesh, hemicellulose fibers are anchored to the cellulose microfibrils and 

establish a matrix of interconnections increasing the robustness of the cellulose network whilst 

simultaneously surrounding it in a protective manner (Loix et al. 2017).    
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Figure 5 The lignin building blocks.  Three major phenolpropanoid alcohols are differently derivatized with methoxy 

groups and referred to as p-coumaryl, coniferyl and sinapyl alcohol. Enzymes can mediate the oxidation of the C4’ 

hydroxyl group to form a phenoxy radical which can be coupled to the growing lignin polymer in spontaneous 

reactions. Figure modified from Brown and Chang (Brown and Chang 2014). 

In contrast to (hemi)cellulose, lignin does not occur as a linear polymer and is not polymerized 

from monosaccharides. Instead, lignin is polymerized from three different monolignol alcohol 

units: cumaryl, coniferyl and sinapyl alcohol, all being differently derivatized phenyolpropanoids 

(Figure 5). The current theory to explain lignin formation is based on an enzymatic process which 

involves establishment of radical states of the three monolingual building blocks and successive 

docking of these activated to the growing lignin polymer as C-C or C-O bonds. It has been suggested 

that several plant oxidoreductases, laccases predominantly, drive this process (Liu, Luo, and Zheng 

2018). As is thought, this process itself is not directed specifically and rather progresses wherever 

space and monomer activation (enzyme) is available. Sourced in this oxidative domino-effect 

mechanism, lignin is formed to fill the gaps between (hemi)cellulose bundles and is embedded into 

the polysaccharide mesh to create an amorphous,  cross-linked hydrogel, increasing the 

mechanical resistance even further and protecting the energy rich polysaccharides from hostile 

degradation by its exceptional chemical resistance (Loix et al. 2017; Brown and Chang 2014).  

As plants invest a lot of biochemical energy into building and maintaining these recalcitrant and 

dense structures that are wood, the plant cell wall has also evolved to be as resilient as possible to 



CHAPTER 1 – INTRODUCING ENZYMES 

17 

hostile attack from microorganisms. The energy rich plant polymers are well-shielded from being 

harnessed by microorganisms, even when the plant dies.  Bacteria and fungi have thus co-evolved 

enzymatic systems to facilitate the attack on lignocellulose polymers, to counteract the plant 

defense systems and to progressively make polysaccharides available whilst processing their 

constituents into building blocks suitable for assimilation.  

 

7. Enzymatic lignocellulose degradation 

The interaction of biochemical key players dedicated to the degradation of lignocellulose in itself 

is quite complex. This topic becomes even more complex when one regards the variation in 

enzymatic cocktail composition, the synergies between the enzymes involved and the variations in 

the way these enzymes operate in a timely fashion when fungi or bacteria employ different 

strategies of lignocellulose degradation. Sourced in this complexity, lignocellulose degradation is 

often described on the basis of well-described examples.  

During the natural turnover of plant biomass, nature encounters a sheer endless supply of 

nutrients. As a result, a myriad of fungal and bacterial organisms has evolved to take part in the 

degradation process, responding to the variation in energy sources with equal phenotypic 

diversity. Within this forest biome, fungi are most vital for the ecosystem as they account for the 

majority of biomass decomposition and assimilation.  Thus, most research so far has been 

conducted elucidating the fungal way of biomass degradation and the majority of characterized 

enzymes involved in the degradation or assimilation process are from fungal origin (Sánchez 2009; 

Andlar et al. 2018). In contrast, knowledge on the bacterial ways of lignocellulose degradation, 

lignin in particular is rather scarce  (Brown and Chang 2014; de Gonzalo et al. 2016).  

When it comes to efficient biomass degradation, white-rot fungi are arguably most specialized as 

they master the proficient hydrolysis of both cellulosic and lignin matter. Prominent white-rot 

representatives such as Phanerochate chrysosporium, Irpex lacteus, Trametes versicolor and others 

have evolved advanced enzymatic systems to disintegrate the recalcitrant and amorphous network 

that is lignin. 
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Great importance to the interaction with lignin is attributed to laccases (EC 1.10.3.2), which belong 

to the family of multi-copper oxidases and are commonly found in fungal, bacterial, and also plant 

proteomes. Laccases are endowed with an active site of four copper ions, coordinated into clusters 

in a characteristic brace of histidines. They are well-known to act on phenolic substrates by 

mediating single electron oxidations, generally causing the establishment of short-lived phenoxy 

radicals. In these reactions, O2 serves as the sole co-substrate and terminal electron acceptor, 

water is released as a product alongside the phenoxy compound. (Mate and Alcalde 2017; de 

Gonzalo et al. 2016; Brown and Chang 2014). Multiple examples from modern research 

demonstrate that laccases are key to the efficient disruption of the lignin polymer (Cragg et al. 

2015; Longe et al. 2018). In white-rot fungi, enzymatic lignin depolymerization also relies on 

secretory heme–dependent peroxidases (class II): lignin peroxidase (LiP, EC 1.11.1.14), manganese 

peroxidase (MnP, EC 1.11.1.13) and versatile peroxidase (VP, 1.11.1.16). These three peroxidases 

are all characterized by an extraordinary high redox potential which empowers them to oxidize - 

otherwise chemically resistant - phenolic lignin constituents. These ligninolytic extracellular 

peroxidases are fueled by H2O2 and accept a broad array of phenolic and non-phenolic substrates, 

such as lignin derived aryles, methoxylated aromatics (e.g. veratryl alcohol) and complexed metal 

ions. In their catalytic cycle, these peroxidases complete two distinct one-step electron oxidation 

reaction and transfer the two electrons gained onto H2O2, releasing H2O. In the case of MnP, most 

commonly employed in fungal delignification, complexed Mn2+ ions act as intermediate electron 

shuttle and can mediate two substrate oxidation reactions at site or be released as complexed 

Mn3+ for mediated action. (Wariishi, Valli, and Gold 1992; Nousiainen et al. 2014; Rahul Singh and 

Eltis 2015) 

Recent research suggests that the direct interaction of laccases and peroxidases with lignin is 

unlikely, and reconstruction of the polymer is instead triggered by cascades of primary reaction 

products of these enzymatic reactions. As suggested, small (phenolic) reactants of high redox 

potential are generated by the enzymes and are able to penetrate the lignin polymer (Figure 6); 

diffusion of molecules larger than several kDa was demonstrated to be impossible given the dense 

structure of the polymer. The so formed “mediators” presumably directly interact with lignin at 

site and establish radical sites that lead to progressing bond scission in the polymer (Christopher, 

Yao, and Ji 2014; de Gonzalo et al. 2016; Brown and Chang 2014).  
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Figure 6 Lignin attack by mediated peroxidase catalysis. (a) The heme-dependent peroxidases are secreted by the 

microorganism and corporate with a co-secreted system for H2O2 generation. These system, fueling the peroxidase 

reactions, are in return operating on reaction products from biomass degradation such as glyoxal and glucose. (b) 

During their catalytic cycle, the peroxidases undergo redox reaction from the reduced to the oxidized state whilst 

generating mediators (Mn3+, veratryl alcohol radical) able to diffuse into the lignin (c) and trigger bond fission. Figure 

modified from Reineke W. et al., 2020 (Reineke et al. 2020).  
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8. Bacterial Systems 

The situation in bacterial litter degraders seems to overlap with fungal systems when the types of 

employed enzymes are considered, but differs when their catalysis and synergies are, as a limited 

number of well-characterized examples points out.  Strikingly, bacterial genomes generally harbor 

laccase and peroxidase genes comparable in sequence to fungal counterparts.  

 

Although bacterial laccases are found in various bacterial genera (Bacillus, Streptomyces, 

Klebsiella, Pseudomonas, …) as a recent review comprehensively summarizes (Arregui et al. 2019), 

the ability to modify lignin similarly to fungal relatives is only attributed so-called “small laccases” 

isolated from Actinomycetes (Bugg et al. 2011; Majumdar et al. 2014).  

 

A different superfamily of peroxidase appears in fungi and bacteria and was first discovered in 1999 

(Kim and Shoda 1999). This heme-peroxidase was isolated from the yeast Geotrichum candidum 

and reported for its ability to decolorize synthetic dyes and was thus termed “dye-decolorizing 

peroxidase” (DyP, EC 1.11.1.19). From genomic analyses it could also be shown that the occurrence 

of these DyP-type peroxidases is rare in fungi but quite prominent in bacteria, in litter degrader 

and soil bacteria of the actinomycetes genus especially. This reasons why often DyP are also 

referred to as bacterial peroxidases. A phylogenetic classification of DyP sequences into class A, B, 

C, and D revealed that only sequences from the A class harbor a bacterial Tat-dependent secretion 

signal and are suggested to occur extracellularly where they could be involved in degradation 

processes (Colpa, Fraaije, and Van Bloois 2014). Still, characterized DyP from class B were also 

shown to exhibit the fundamental catalytic features needed for lignin degradation, as the example 

from the Rhodococcus jostii DyP (Ahmad et al. 2011) and Pseudomonas putida (Santos A. et al. 

2014) point out. 

Although appearing in fungi and bacteria, DyP are of special interest in the scope of bacterial 

lignocellulose degradation since they are thought to represent the sole peroxidase potentially 

capable of oxidation of lignin constituents as no homolog of the classic fungal peroxidases (LiP, 

MnP and VP, Figure 6-b) were found in bacteria yet. More and more reports assess the biochemical 

properties of DyP and find evidence for the ability to oxidize lignin as such or it constituents (Ahmad 

et al. 2011; Brown, Barros, and Chang 2012; Santos et al. 2014; Qin et al. 2018). An interesting 
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addition to the catalytic repertoire of these peroxidases was reported by Brown, Barros and Chang 

(Brown, Barros, and Chang 2012) for the C-type DyP from Amycolatopsis sp. 75iv2. In their 

publication, the authors mention notable oxidase activity and an association with manganese ions, 

similar to fungal MnP (Figure 6-b). This implies, that either this DyP is able to fuel its own peroxidase 

activity by generating H2O2 when both O2 and Mn2+ or this oxidase activity is an additional mode 

that the enzyme is able to utilize to access other substrates.  

 

Generally, another difference between the fungal and bacterial way of approaching lignocellulose 

degradation is thought to lay within the oxidase system that provides H2O2 for the activity of the 

respective peroxidase (Figure 6-a). This supply of H2O2 fuel is covered by fungal oxidase systems 

employing enzymes such as glyoxal oxidase (EC 1.2.3.15) and the various peroxide-producing 

enzymes from the CAZy AA3 family of oxidoreductases feeding on a palette of different 

degradation products from lignocellulose disintegration (Qin et al. 2018; Sützl et al. 2018). The 

situation in bacterial biomass degraders seems to be a different proposition as - with the exception 

of pyranose 2-oxidase - no homologous oxidase genes were yet identified in bacteria (Mendes et 

al. 2016; Herzog et al. 2019). How bacterial lignocellulose degraders are able to fuel their oxidative, 

peroxidase-driven lignin attack with a comparably limited set of enzymatic functions and what role 

is attributed to the dehydrogenase activity of available enzymes is yet to be fully elucidated. 
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C) The AA3 family of oxidoreductases 

As is explained above, enzymes are commonly categorized by matters of their fundamental 

catalytic functionality and structure - as is the case the EC classification of enzymes (page 3). But 

enzymes can also be assembled into families according to their enzymatic significance for a certain 

physiological role. The database on carbohydrate active enzymes (CAZy) defines families of 

“structurally-related catalytic modules and domains of enzymes that degrade, modify or create 

glyosidic bonds” as is described on www.cazy.org (Levasseur et al. 2013; Lombard et al. 2014). 

These so called CAZymes are accompanied by a set of oxidoreductase enzymes that do not directly 

interact with polysaccharides but act in conjunction with polysaccharide-active enzymes, the so-

called class of “auxiliary activities” (AA). Given the biologically relevant association of plant 

polysaccharides and lignin, also enzymes such as the aforementioned laccases (class AA1) and 

heme-peroxidases (AA2) that are strictly acting on lignin were recently included in the “AA” class 

(Levasseur et al. 2013).  

The class of auxiliary activity AA3 contains a set of functionally diverse enzymes which all belong 

to the glucose-methanol-choline (GMC) family of oxidoreductases. These enzymes all obey the 

canonical βαβ-fold (Rossmann fold), a common structural motif found to be typical for the 

association with flavin nucleotide cofactors (Figure 1) (Cavener 1992). Although the domain 

architecture between the members of the AA3 group can vary, and some representatives are 

equipped with an additional cofactor-carrying domain, the common denominator in all of these 

GMC enzymes is the highly conserved N-terminal flavin-binding domain that harbors the 

nucleotide part of the FAD cofactor (Figure 2). The AA3 group comprises the enzymes: glucose 

oxidase (GOx, 1.1.3.4), Aryl-alcohol oxidases and dehydrogenases (AAO, 1.1.3.7), pyranose 2-

oxidase (POx, 1.1.3.10), alcohol oxidase (AOX, 1.1.3.13), glucose dehydrogenase (GDH, 1.1.5.9), 

cellobiose dehydrogenase (CDH, 1.1.99.18) and pyranose dehydrogenase (PDH, 1.1.99.29).  

The multiplicity of enzymatic function of the AA3 oxidoreductases was comprehensively discussed 

in a recent review (Sützl et al. 2018) and their phylogenetic relationships and sequence space 

subsequently analyzed in greater detail as is summarized in a follow-up publication (Sützl et al. 

2019) . There it was concluded that enzymes sharing a common substrate not necessarily share a 
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direct common ancestor and routes for enzyme evolution should not always be deduced from 

enzymatic function alone. 

 

Figure 7 Phylogenetic tree of characterized enzymes from the AA3 family. The sequences of 58 biochemically 

characterized enzymes containing GOx, GDH, AAO (and aryl alcohol dehydrogenase, AADH), PDH, AOX, CDH and POx 

were subject to calculation of a phylogenetic tree based on the PhyML algorithm with statistical support of 500 

bootstrap repetitions and the WAG amino acid substitution model. Sequences are annotated with species name, 

NCBI accession numbers and PDB code if available. The reference bar indicates the phylogenetic distance of 50 % 

substitutions per sequence. Figure kindly provided by L. Sützl (Sützl et al. 2018).  
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For instance, GOx and GDH are enzymes both extensively characterized for strictly acting on D-

glucose as a substrate (Ferri, Kojima, and Sode 2011) seem to have evolved from a common 

ancestor as is observable in Figure 7 (Sützl et al. 2019). The ability to accept oxygen as a terminal 

electron acceptor is inherent in GOx (oxidase activity) and specific to the fungal taxonomical class 

of Eurotiomycetes which are the sole fungal organisms carrying GOx genes. The oxidase activity is, 

in contrast, entirely absent in GDH enzymes, which seem to never have developed oxidase activity 

and evolved parallel to GOx in other fungal (sub)divisions. Still, the work by Sützl et al. 

demonstrates that large portions of the sequence space are still uncovered as of today and new 

enzymatic functions could be concealed in yet uncharacterized sequences (Sützl et al. 2019).  

As their respective names potentially falsely imply, the relation between PDH and POx cannot be 

compared to the case of GOx and GDH. It was derived from the calculation of a phylogenetic tree 

of AA3 enzymes that PDH and POx do not share a common ancestor (Sützl et al. 2019) although 

both enzymes accept a similar set of pyranose sugars and electron acceptors as substrate 

(Sygmund et al. 2008; Peterbauer 2020; Leitner, Volc, and Haltrich 2001; Abrera, Sützl, and Haltrich 

2020). Interestingly, the sequence space of PDH sequences shares more relation to that of AAO 

and both PDH and AAO enzymes appear in the same fungal class of Agaricomycetes. On the 

contrary POx genes can be found in Basidiomycetous and ascomycetous fungi as well was in 

bacteria and available sequences seem to be more diverse compared to other members of the AA3 

family (Sützl et al. 2019). 

9. Pyranose 2-oxidase 

In the AA3 family the subfamily of AA3_4 accounts for pyranose oxidases (pyranose 2-oxidase, 

POx). The first description of a pyranose oxidase dates back to 1968 where researchers first 

isolated a novel enzyme from the mycelium of a basidiomycetous fungi which was able to oxidize 

various carbohydrates a the C2 position. This enzyme, initially termed carbohydrate oxidase, was 

given the name pyranose oxidase several years later when researched confirmed that the enzyme 

specifically accepted pyranose sugars (monosaccharides of six-membered rings, five carbon one 

oxygen) only (F. W. Janssen and Ruelius 1968; F. Janssen and Ruelius 1975). Based on the particular 

mode of catalysis, oxidizing the C2 atom of pyranose sugars the enzyme is now commonly referred 

to as pyranose 2-oxidase. Its addition to the family of GMC oxidoreductases happened comparably 
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late. In 2003, a bioinformatic analysis of POx sequences via structure-based multiple sequence 

alignment confirmed the presence of conserved features of the predicted 3D structure before the 

crystal structure of the enzyme was solved. Similarities to enzymes such as glucose oxidase were 

highlighted in this work (Albrecht and Lengauer 2003).  Progressively, many POx from various 

basidiomycetous and ascomycetous fungi were characterized biochemically and crystal structures 

for three basidiomycetous POx were solved: Trametes ochracea POx [PDB 1TT0] (M. Hallberg et al. 

2004), Peniophora sp. POx [PDB 1TZL] (Bannwarth et al. 2004) and Phanerochaete chrysosporium 

POx [PDB 4MIF] (Hassan et al. 2013).  

Phylogenetic distribution 

Strikingly, putative POx genes are not only found in fungi but also occur in bacteria as a 

comprehensive phylogenetic analysis underscored (Herzog et al. 2019). First speculations that an 

early horizontal gene transfer between bacteria and fungi led to the distribution of POx genes in 

both kingdoms appeared in 2009 (Pisanelli et al. 2009). The first evidence of a functionally active 

bacterial POx was reported several years later when POx from the soil bacterium 

Pseudoarthrobacter siccitolerans (PsPOx) was expressed and biochemically characterized. 

Interestingly, this bacterial POx did not obey all of the the general POx hallmarks as it was reported 

to occur as a monomer; fungal POx uniformly occurs in a tetrameric fungal form. In addition, the 

FAD cofactor is covalently attached to the protein backbone in fungal POx which was not the case 

for the PsPOx. Notably, the biochemical characterization of the PsPOx catalysis highlighted that 

this enzyme does exhibit only minor oxidase activity whereas organic electron acceptors are 

generally well accepted (Mendes et al. 2016). Just recently thereafter, the characterization of a 

POx from the plant-pathogenic bacterium Pantoea ananatis was described. It needs to be stated 

that the true identity of the enzyme is doubtful since major POx characteristics – such as die 

classical C2-oxidation – were not confirmed in the original publication (Zhang et al. 2018). More 

so, this enzyme appeared as an outsider, distinct from bacterial POx in the aforementioned 

phylogenetic analysis and hence its identity should be reconsidered.  

Structure 

POx, like other GMC oxidoreductases, exhibits a two-domain architecture comprising the flavin-

binding domain – of the typical Rossmann-fold - and a substrate-binding domain. As the FAD 
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harboring flavin-domain is well-conserved among all GMC enzymes, the substrate-binding domain 

in contrast is subject to greater variation, in POx especially. In fungal POx, the FAD cofactor is 

covalently anchored to the protein backbone via a histidyl-linkage of the isoalloxazine moiety of 

FAD which is otherwise unprecedented in AA3 enzymes (Halada et al. 2003). In addition, POx is 

unique among the AA3 family as it also contains a small sub-structure called the “head-domain”. 

This protruding sequence stretch contains a pair of short anti-parallel beta sheets that are 

connected via loops and develop a remarkably flat beta-hairpin fold of yet unknown function. It 

was speculated that this head-domain initiates or assists in the formation of the multimeric state 

of the enzyme (M. Hallberg et al. 2004; Hassan et al. 2013). Structure-wise, evidence for the 

multimeric state of POx is only available for fungal enzymes, which generally develop a tetrameric 

state from identical monomers. This association into a so-called “homo-tetramer” results in the 

formation of a central cavity or void that is the point of entry for the substrate channels of the 

individual monomers (M. Hallberg et al. 2004). Furthermore, the substrate’s access to the active is 

also controlled by a substrate-recognition loop acting as a structural gate-keeper in the active site. 

This element is subject to conformational change upon interaction with substrates and inhibitors 

and regulates turnover, another structural feature specific to POx (Spadiut et al. 2010).  

 

Figure 8 3D structure model of the POx from T. ochracea (PDB 1TT0) in cartoon representation. The central cavity 

(black frame) isolates the active site entrances from the exterior (left). The substrate channels are indicated with 

blue arrows and the FAD cofactor with colored spheres. Figure by courtesy of A.T. Abrera (Abrera, Sützl, and 

Haltrich 2020).  
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Catalysis and substrates 

POx catalyze the oxidation of an alcohol moiety to the corresponding aldehyde or ketone, whilst 

transferring the gained electrons to a suitable electron acceptor that not necessarily needs to be 

O2. The reaction mechanism of POx proceeds in two half-reaction, an initial reductive and 

subsequent oxidative one and employs the ping-pong bi-bi type (Wongnate and Chaiyen 2013). In 

the reductive reaction, catalysis is initiated when the sugar CH-OH group associates with the 

cofactor and two electrons are transferred to the FAD as a hydride (C-H bond breakage, no proton 

abstraction), reducing it consequently and leaving a protonated ketone sugar behind. In this early 

enzyme-substrate complex key catalytic residues contribute to stabilizing this transitional 

protonated state. The catalytic Histidine then scavenges the proton leaving the oxidized sugar 

behind as a recent study shed light on (Wongnate et al. 2019). Before the FAD is recovered, the 

oxidized sugar is released as a C2-keto form, which generally characterizes the ping-pong bi-bi type 

of the reaction. In the ensuing oxidative half reaction, the reduced FAD associates with O2, transfers 

two electrons and forms a FAD-O-OH peroxy-flavin intermediate (Figure 3). This intermediate is not 

found in other AA3 family enzymes and it seems that only POx is competent to stabilize this peroxy 

intermediate in this group; certain flavin-monooxygenases also can establish this intermediate. In 

the last step of the reaction, H2O2 is eliminated from the FAD-O-OH hydroperoxyl-flavin 

intermediate leaving the FAD in the native oxidized form (Wongnate and Chaiyen 2013).  

 

POx readily reacts with a small set of monosaccharides and for POx from various organisms, 

commonly a specific interaction with the pyranose sugars D-glucose, D-galactose and D-xylose is 

reported as a recent review summarized (Abrera, Sützl, and Haltrich 2020). As a reaction product, 

the enzyme releases the oxidized keto-sugar, where a C=O at the pyranose C2 is formed (2-dehydro 

sugar). Contrasting to other GMC enzymes accepting glucose as a substrate, POx specializes in 

oxidizing both anomeric glucose forms, α and β, (Nishimura, Okada, and Koyama 1996) and is thus 

sometimes preferred over other enzymes such as glucose oxidase for biosensing applications. As 

the physiological importance of the electron donor substrates is still debated, a pronounced 

affinity for the sugars glucose, xylose and galactose can be put into perspective when one regards 

the potential biomass feedstock. Although glucose appears ubiquitously incorporated into 



CHAPTER 1 – INTRODUCING ENZYMES 

28 

cellulosic biomass, xylose and galactose appear predominantly in hemi-cellulose where they are 

major constituents of the biopolymer. One can therefore hypothesize that POx is involved in 

biomass breakdown what initial decomposition already progressed and these specific sugars are 

released from hemi-cellulose and available for the enzyme. 

When it comes to the electron acceptor, a wide variety of accessible substrates are reported for 

POx and amongst others include oxygen, (chelated) metal ions as well es variably derivatized 

organic quinones (Leitner, Volc, and Haltrich 2001). The latter are believed to be structurally 

related to compounds that are released from lignin during the enzymatic degradation of the 

biopolymer. Although POx is rightfully referred to as an oxidase and reactivities with oxygen are 

generally high for almost all representatives of the enzyme, POx commonly accept the 

aforementioned “alternative” electron acceptors just as well as is indicated by the high specific 

activities and usually low Km values, as the example of 1,4-benzoquinone highlights (Ai et al. 2014). 

The physiological role of an enzyme that is able to efficiently utilize O2 to form H2O2 and 

simultaneously accept potential lignin degradation product might be of good use for a 

microorganism, be it from fungal or bacterial origin, that is involved in lignin degradation where a 

large proportion of the enzymatic attack is mediated by H2O2-dependent peroxidases (Bugg et al. 

2011). When concurrently acting with peroxidases, POx could potentially play a role in supporting 

these peroxidases in a threefold manner:  

• H2O2 could be supplied for the peroxidase catalysis. This degradation might be fueled by 

sugars that are released from preliminary (hemi)-cellulose attack. 

• Reactive lignin degradation products, such as quinones, that are released from the 

biopolymer could be inactivated by reduction. 

• Metal ions that are embedded within the lignin mesh are utilized by enzymes such as MnP 

and DyP for their mode of action and often used as mediators in the degradation process. 

These complexed and often highly reactive ions could be regenerated by the POx enzyme 

since it is able to reduce them to their ground state. 

 

Biotechnological applications 
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Starting in the late 1990s, several studies researched the application of pyranose 2-oxidase as a 

recognition element in biosensors, mainly due to its specificity for glucose. The enzymes reactivity 

with oxygen allows to simplify sensor architectures since the enzymes reaction product H2O2 is 

easily electrochemically detected itself or by a partnering enzyme such as horseradish peroxidase 

(Lidén et al. 1998). Given the broad substrate specificity of POx, several other sugars (xylose, 

galactose, mannose and maltose) could be detected in more advanced sensor developments and 

were successfully employed for analyses and monitoring in the food and beverage industry (Odaci, 

Telefoncu, and Timur 2008). Subsequent research approached the improvement of POx-based 

sensors by establishing mediated electron transfer systems which allowed reducing background 

reactions and simultaneously increasing analytical sensitivity (Gokoglan et al. 2015; Kurbanoglu et 

al. 2018). In addition, the combination with other enzymes helped to broaden the substrate 

spectrum of the analytical sensor. For instance, POx was combined with a glucosidase to estimated 

maltodextrin levels in beer (Odaci, Telefoncu, and Timur 2010).  

POx can also be employed for point-of-care diagnostics as a recent example successfully 

underlines. 1,5-anhydroglucitol (1,5-AG) is a prominent marker for diabetes and reflects a patient’s 

glycemic status. Elevated levels of 1,5-AG can be detected for up to weeks in the urine or saliva 

when blood glucose levels are pathological. Sourced in the promiscuity of the POx substrate 

acceptance, 1,5-AG can be oxidized by the enzyme and commercial “GlycoMark” detection kits are 

available and FAD approved (Nowatzke et al. 2004) 

A different area of application of POx is the utilization of the enzyme as a catalyst in the biochemical 

synthesis of 2-keto sugars. The maybe most prominent example includes synthesis of the antibiotic 

agent cortalcerone, a carbohydrate compound originally identified in cultures of the fungus 

Corticium caeruleum (Baute et al. 1976). In the synthesis process, two enzymes work in tandem to 

stepwise synthesize the antibiotic from D-glucose. POx is used in the initial oxidation step to 

generate the intermediate 2-keto glucose derivate, termed glucosone. This is then in return 

substrate for a fungal aldos 2-ulose dehydratase enzyme which catalyzes ring-opening and 

derivatization under the influence of assisting chemical catalysis.  This synthesis process was 

protected under the patent US4569913A which expired in 2004. At that time, the cortalcerone 

compound was researched for the application as an anti-cancer drug as antiproliferative activity 
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on human cancer cells could be shown (Koths, Halenbeck, and Moreland 1992). 

 

10. Cellobiose dehydrogenase 

Another member of the AA3 family is the hemoflavoenzyme cellobiose dehydrogenase (AA3_1, 

CDH) and was first identified and isolated from fungal cultures by Westermark and Eriksson in 

1974, just some years after POx was first described. The quinone reducing activities of the CDH 

enzyme were confirmed after cultures of the basidiomycetous fungi Trametes versicolor and 

Phanerochaete chrysosporium (back then annotated differently) were grown with cellulose as sole 

carbon source. The researchers observed that the expressed activities of CDH aligned well with the 

activity of cellulases and glucosidase activity and rightfully attributed the enzyme an involvement 

in the degradation of the recalcitrant polymer that is cellulose. Furthermore, it could be shown 

that cellobiose is the preferred substrate for the enzyme and monosaccharides were not efficiently 

turned over. At the opposite enzymatic half-reaction, the CDH sample displayed quinone reducing 

activities, a reactivity which seemed ambiguous and was hypothesized to potentially assist laccase 

activity during lignin decomposition (Westermark and Eriksson 1974).  

CDH is unique among the family of AA3 oxidoreductases as it comprises not only the conserved 

FAD-containing flavin domain but a cytochrome (cyt) domain in addition, which coordinates a 

heme cofactor of the b type serving the enzyme with the ability to shuttle electrons to a wide 

variety of suitable redox partners (Tan et al. 2015). It has been shown that, depending on the 

availability of the β1-4 glucose-dimer cellobiose from cellulose degradation, CDH can assist in the 

action of the cellulose attacking enzyme lytic polysaccharide monooxygenase (LPMO) by supplying 

electrons for its monooxygenase (potentially peroxygenase) activity via direct contact to the 

enzyme (Kracher et al. 2016; 2019; Laurent et al. 2019). Further synergistic support for the LPMO 

catalysis by CDH is assumed to be sourced in the recycling of quinoid compounds by the CDH 

reductive activity and potentially by the supply of minimal amounts of H2O2 (Kracher et al. 2019). 

Still, it needs to be mentioned that the whereabouts of this catalysis, the involved oxygen species 

and the mode of interaction are not fully elucidated yet and subject to the ongoing scientific 

debate. Remaining unclarity in that regard is partly due to the lack of comprehensive data from 

real biological systems and scarcity of conclusive insights into the varying degradation strategies of 
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different fungi at the molecular level. Nevertheless, the holistic view on fungal lignocellulose 

decomposition improves steadily as secretome and proteome studies shed light on the relevancy 

of certain enzyme families during degradation of biomass of varying composition and the temporal 

orchestration of key enzymes within this process (Paës et al. 2019; Valadares et al. 2019; Gauna et 

al. 2020; Umezawa et al. 2020).  

Phylogenetic distribution 

Sützl and colleagues recently published their work on the phylogenetic distribution of cellobiose 

dehydrogenase sequences and drafted a classification of these sequence entries into four clusters 

(Sützl et al. 2019).  The calculations on their phylogenetic relation were conducted using the 

dehydrogenase domain sequence as a template and results are generally consistent with the 

previous classification of characterized CDH and putative CDH genes based on their fungal origin, 

which separates CDH sequences into those from ascomycetes (class II and class III) and 

basidiomycetes (class I) as was described previously (Harreither et al. 2011; Zámocký et al. 2008).  

In the latest analysis, an additional CDH cluster IV was identified in sequences from Ascomycota 

and represents the evolutionary most distant clade. It disobeys the CDH’s canonical multi-domain 

architecture, a phenomenon not uncommon in sequence collections of putative CDH genes. 

 

Figure 9 Phylogenetic tree of putative and characterized CDH sequences (flavin-domain only) based on the maximum-

likelyhood algorithm. Colored cycles and numbers indicate characterized members with biochemical evidence. Table 

by courtesy of L. Sützl (Sützl et al. 2019). 
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One should be careful with drawing assumptions on the physiological relevance of these 

dispersedly occurring sequences which constitute the dehydrogenase domain only.  Until now, no 

comprehensive biochemical evidence could be gathered on these representatives and the 

whereabouts of enzymatic functions remain in the unclear. Thus, conclusion on their native 

biological role seem rather unmerited but can be supported by reports on the successful truncation 

of characterized CDH to the dehydrogenase domain. This allowed to elucidate substrate 

preferences and metrics of the enzymatic dehydrogenase activities, independent of any inter-

domain electron transfer, as was described for the well-studied CDH of Crassicarpon hotsonii 

(Kracher et al. 2015; Tan et al. 2015); formerly referred to as Myriococcum thermophilum. Another 

study highlighted recently that CDH cyt and dehydrogenase domains from different organisms can 

be non-natively combined to form artificial chimeras, capable of efficient electron transfer 

between the partnering domains if electrostatic surface interactions are complementing (Felice et 

al. 2020). Following from that it has been reasonably hypothesized that the lack of a cytochrome 

domain coding sequence - as multiple examples across the phylogenetic tree underline - is 

indicative of the dehydrogenase domain being the underlying conserved part of the CDH enzyme. 

As such, fusion with an electron shuttling cyt domain happened as an independent event down the 

evolutionary path (Zámocký et al. 2004; Sützl et al. 2019) wherever it equipped the fungal host 

organisms with increased fitness, likely improving its biomass degrading capabilities via enzymatic 

synergisms.  

Structure 

CDH is a secretory enzyme and occurs in a monomeric form of approximately 100 kDa with 

glycosylation of the N- and O-type. CDH enzymes from 23 different fungal species are characterized 

as of today and several of the fungal host organisms account for the thermophilic or 

thermotolerant kind (Zámocký et al. 2008). Owed to the lifestyle of their host, some CDH enzymes 

display outstanding stability, withstanding temperatures of 70 °C or higher (Sigoillot et al. 2002; 

Langston et al. 2012) and resisting extreme pH (Bao, Usha, and Renganathan 1993), highlighting 
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the fitness required for enzymes to uphold activities in the demanding milieu of lignocellulose 

decomposition.  

As is displayed in Figure 2, CDH comprises an N-terminal cytochrome (cyt) domain, embracing a b-

type heme cofactor in the active site. This domain is around 25-30 kDa in molecular and bears 

glycosylation of the N-type and usually several disulfide bonds. The cyt domain has a beta-sandwich 

fold resembling the immunoglobulin-like fold in its assembly of secondary structure elements 

(Martin Hallberg et al. 2002). The cyt domain is fused to the partnering dehydrogenase (DH) 

domain which holds an FAD cofactor non-covalently, contains two subdomains and is roughly 65 

kDa in weight. Characteristically, the N-terminal part of the DH domain is formed from a 

meandering set of beta-sheets which is typical for nucleotide binding domains and observed 

frequently in FAD-binding proteins. It is commonly referred to as Rossmann fold or βαβ motif, given 

the canonical assembly of beta-sheets, three alpha helices and more beta-sheets. The C-terminal 

moiety of the DH domain is known as substrate binding domain and contains the isoalloxazine ring 

system of the FAD in the active site (Martin Hallberg et al. 2002; Tan et al. 2015). The DH domain 

from the basidiomycetous CDH from Phanerochaete chrysosporium (PDB: 1KDG, 1NAA) was the 

first CDH to be partially resolved (Martin Hallberg et al. 2002). Later, crystal structures for the full-

length enzyme were resolved for the ascomycetous CDHs from C. hotsonii (PDB: 4QI6) and 

Neurospora crassa (PDB: 4QI7), which proofed to be bothersome initially owing to the dynamic 

nature of the enzyme.  

The backbone of the multi-domain architecture of CDH is rooted in a flexible linker of around 25 

amino acids (but often varying length), connecting the two domains at their respective posterior, 

thus allowing unaffected interaction of the FAD and heme reaction centers. One of the major 

takeaways from a study of chimeric CDH constructs was that the linker plays an important role in 

synchronizing the electron transfer from DH to cyt domain and that an exchange to a non-native 

tandem of linker and domains can have detrimental effects on this interaction, especially if a longer 

linker is inserted. Still, a complementary set of physicochemical properties is thought to be the key 

player in efficient electron transfer (Felice et al. 2020). A systematic analysis of the linker regions 

of basidiomycetous CDH sequence entries displays a fairly conserved set of rather charged residues 

at position 4-39 of the alignment and an ensuing segment rich in serin, threonine, glycine and 
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proline close to the beginning of the DH domain at Y/F/V-D-Y-I/V. It has often been discussed that 

this latter part of the linker serves in a protective manner with pronounced O-glycosylation 

preventing proteolytic cleavage of the individual domains (Sulej et al. 2013; 2015). 

 

Figure 10 Weblogo illustration of a multiple sequence alignment of putative basidiomycetous CDH sequences of the 

linker region. The alignment was prepared from 82 sequence entries using the MAFFT algorithm with the G-INS-i 

accuracy-oriented presets. At the N-terminus, a conserved tryptophane (W) marks the end of the structural cyt 

domain and beginning of the linker region that stretches until a prloin (P), adjacent to the x-D-Y-I/V motif of the 

nucleotide binding domain. 

Several representatives of CDH from ascomycetous origin is added a small additional non-catalytic 

domain to their bipartite architecture at the C-terminus, a carbohydrate-binding module (CBM). 

This domain was described to facilitate firm association of the enzyme with the cellulose polymer 

(Zámocký et al. 2006) thus increasing residence times at site and with it synergistic action with 

other enzymes such das LPMO (Sygmund et al. 2012). Interestingly, these CBM domains only occur 

in ascomycetous CDH of class II, allowing to sub-categorize these enzymes into Class II-A if a CBM 

is present. Even more interestingly, certain Ascomycetes like Neurospora crassa encode more than 

one CDH gene in their genome. Two functional N. crassa CDH were described, one of the class IIA 

equipped with a CBM and an additional CDH IIB lacking this extended module. The overall sequence 

identity of these enzymes is quite low (53 %) and rather dissimilar biochemical properties were 

reported (Harreither et al. 2011; Sygmund et al. 2012). It could be shown that a significant 

upregulation of the type IIA CDH expression is triggered by cellulolytic growth of the host whereas 

the IIB CDH expression is rather unaffected (Tian et al. 2009). The underlying physiological reason 

why the fungus benefits from two different CDH and why this peculiarity is specific to 

ascomycetous fungi is still to be solved. 

Catalysis 

CDH’s substrate preference is generally biased towards β-(1,4)-linked sugars. Preferably, the 

enzyme accepts disaccharides and oligosaccharides that constitute a glucose moiety as the 
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terminal reducing end unit, such as β-D-cellobiose – its native substrate - and lactose, its closely 

related epimer. For these substrates a KM around 0.1 mM and kcat of 10-100 s-1 is common. 

Basidiomycetous CDH are more restrictive in their substrate spectrum and commonly do not 

accept monosaccharides, or disaccharides with differing glycosidic connection (maltose). This is in 

contrast the case for CDH of certain ascomycetous fungi as was summarized (Kracher and Ludwig 

2016; Scheiblbrandner and Ludwig 2020). In fact, a double digit KM for D-glucose was reported for 

the ascomycetous CDH from Thelavia terrestris (Langston et al. 2012), Hypoxolon haematostroma, 

Dichomera saubinetti (Harreither et al. 2011) and Corynascus thermophilus (Harreither et al. 2012)  

whereas a KM around 1000 mM is common for basidiomycetous CDHs (Kracher and Ludwig 2016).  

During substrate oxidation, CDH acts on the C1 atom of the reducing end sugar. It has been 

proposed that the catalytic cycle is initiated with the attack of a catalytic histidine at the O1, 

ensuing abstraction of a (hydroxyl) proton and subsequently proceeds via a hydride transfer to the 

isoalloxazine N5, establishing FADH2.  In summary, the 2e-/2H+ type oxidation gains two electrons 

from the sugar conversion which are received by the FAD reducing it to its hydroquinone state 

concomitantly, in what is called the reductive half reaction (B. M. Hallberg et al. 2003). A 

comprehensive analysis on active side residues and their interaction with the substrate was carried 

out by Hallberg and colleagues with the DH domain of the P. chrysosporium CDH in complex with 

the cellobiono-1,5-lactam inhibitor (B. M. Hallberg et al. 2003). One will notice that this reaction 

mechanism is similar to the aforementioned mechanism of POx, which was described in greater 

detail in part 9. This is unsurprising when the shared ancestral background, comparable cofactor 

utilization and physiological involvement in biomass degradation of both enzymes are regarded 

(Sützl et al. 2018).  From the fully reduced state, the flavin cofactor can then recover its quinone 

ground state by transferring electrons to a variety of electron acceptors during what is referred to 

as the oxidative half reaction.  

Aside from suitable low molecular weight compounds such as quinones and phenols, or even 

oxygen, CDH is most prominent for the electron shuttling route from the DH to the partnering cyt 

domain. This transfer is thought to progress in a sequential exchange, shuttling only one electron 

at a time. Although a number of recent publications contributed to shed light on the enigmatic 

process that used to be the intra- and interdomain electron transfer, several of the molecular 
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configurations key to explaining the proposed shuttling mechanism are not confirmed to date. 

Most notably, presence of the intermediate FAD semiquinone state, harboring only a single 

electron could not confidently be determined; indications for its existence were found in 

experiments though (Igarashi et al. 2002). Still, it was observed that CDH undergoes a structural 

rearrangement during the transfer of single electrons from the DH to the cyt domain, a 

phenomenon which is potentially triggered by electrostatic repulsion of the respective domains 

resulting from the change of net charge during transfer  (Igarashi et al. 2005; Kracher et al. 2015).  

This rearrangement is reflected in an “open” and “closed” conformation of the two-domain 

enzyme and could be confirmed in crystal structures (Tan et al. 2015). From a thermodynamic 

perspective, a sequential flux of electros from the DH to the cyt domain (and onto a terminal 

acceptor) seems to be reasonable. It was shown that the redox potentials of the cyt domain - in 

both the reduced and oxidized state – can favor electron shuttling from the FAD since the 

electrochemical driving force is sufficiently high in both conditions (Vasile Coman et al. 2007; Tasca 

et al. 2011; Scheiblbrandner and Ludwig 2020). Just some years ago, the role of the cyt domain a 

built-in electron relay was added another chapter when a specific electrochemical synergism with 

LPMO was described, which broadened the array of molecular considerations even wider (Kracher 

et al. 2016). 

Bioelectrochemical applications 

Owed to its unique ability to transfer electrons to artificial metallized and carbonous surfaces 

directly, CDH is in the spotlight for bioelectronic applications such enzymatic biosensors and 

biofuel cells. It is the electron-mediating nature of the enzyme together with its set of desirable 

biochemical properties (thermal stability, chemical resistance, high solubility, protein mobility, 

substrate specificity, high production yields) that make it exclusively well-suited and led to early 

developments almost 30 years ago (Elmgren, Lindquist, and Henriksson 1992). For modern 

biosensors, a direct interaction between electrode surface and enzyme is regarded as profoundly 

desirable as it permits to omit electron mediating compounds from the sensor setup, establishing 

what is called a 3rd generation biosensor depending on “direct electron transfer” (DET) (Felice et 

al. 2013). Mediators employed in 2nd generation sensor normally are redox active compounds 

bridging electron transfer between enzyme and electrode, which generally increases 

measurement signals sensitivity. Still, these molecules are oftentimes unsafe and interfere with 



CHAPTER 1 – INTRODUCING ENZYMES 

37 

the physiological environment if incorporated into life tissue (Tasca et al. 2011; Harreither et al. 

2012; Scheiblbrandner and Ludwig 2020).   

 

 

Figure 11 Graphical abstract summarizing the current and emerging bio-electrochemical applications of CDH: As 

bioanode element in biofuel cells (A) and in enzymatic biosupercapacitors (B); As recognition element in biosensors 

(C) and in bioelectronic tongues (D). The CDH enzyme is represented in a three-dimensional structure model in the 

middle. Graphic by courtesy of S. Scheiblbrandner (Scheiblbrandner and Ludwig 2020).  

 

A holistic review on CDH from a bioelectrochemical perspective was assembled in 2020 by 

Scheiblbrandner and Ludwig and highlighted the utilization of CDH in four different bioelectronic 

applications:  biosensors, biofuel cells, bio-supercapacitors and bioelectronic tongues as is 

summarized in Figure 11 (Scheiblbrandner and Ludwig 2020).  

Enzymatic biosensors employ oxidoreductases like CDH to detect their preferred substrates as an 

analyte usually a complex solution (food, body fluids, environmental samples etc.). In architectures 

of the third generation, the enzyme performs its redox reaction and exchanges electrons with an 

artificial electrode surface directly. This creates an electrical current that is proportional to the 

turnover rate of the enzyme, and the analyte concentration consequently. When regarding the 

mono- and disaccharide substrates of CDH such as glucose, lactose, maltose a potential application 

in the food industry is rather obvious and research was strongly directed at it. Following from 
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academic research, the company DirectSens GmbH developed a CDH based biosensor for the 

detection of lactose in dairy products which is marketed globally under the name “lactosens”. Since 

several ascomycetous CDH were reported to accept glucose at least partially, a potential 

application of the enzyme in blood sugar monitoring and diabetic care was envisioned early. Later 

advancements led to the improvement of glucose acceptance and reduction of maltose 

interferences for the CDH of Corynascus thermophilus when two mutations were introduced into 

the active site (Ortiz et al. 2017). Additionally, the oxidative half reaction of the CDH catalysis was 

employed for sensing uses as well, and examples showed the biosensing capabilities for phenolic 

analytes such as catechol, dopamine, noradrenalin (Stoica et al. 2006) and others but efforts did 

not lead to a mature commercial product yet. A detailed summary on analytes, enzyme and 

detection limits can be found in a review from Ludwig and colleagues (Ludwig et al. 2013). 

 

Contrasting to biosensors, the purpose of enzymatic biofuel cells is understood as generating as 

much electrical current as possible from substrates that are abundantly available Figure 11. This 

principle can be realized by the enzymatic conversion of physiologically relevant molecules such as 

glucose, lactate, oxygen, and others. Thus, these cells can operate locally isolated in tissue, which 

is envisioned to be ideal for powering bionic implants (González-Arribas et al. 2017). In that regard, 

CDH is a desirable candidate for a the bioanodic element, oxidizing glucose or lactose in-situ and 

delivering the gained electrons to a suitable electrode at low potential. Trials have been conducted 

where the enzyme was partnered with a multicopper oxidase at the cathodic site, drawing 

electrons from the circuit that have previously been generated by CDH and transferring them on 

O2 in its catalysis at a high electrochemical potential. This allows to generate power that is 

proportional to the electrochemical potential difference between the two enzymes and the 

reaction rates of converting the respective substrates as was highlighted in a study with the CDH 

from Dichomera saubinetti (Vasile Coman et al. 2008). In this application again CDH is favored over 

other enzymes which is rooted in its ability to transfer electrons directly which allows to minimize 

interference from mediators or electrochemically active compounds such as ascorbic acid (V. 

Coman et al. 2009). For the application under physiological conditions, CDH enzymes are desired 

that operate efficiently under neutral pH and convert glucose well, requirements that are generally 

fulfilled by ascomycetous CDH from class II (Scheiblbrandner and Ludwig 2020).  
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Parallel to providing power constantly, enzymes can also be used in combination with 

supercapacitors, charging the energy storage device from constant turnover. This generally allows 

to yield higher momentary power output, something that is often required in modern day 

miniaturized electronics. The functionality of a biosupercapacitors is comparable to biofuel cells 

and can in certain cases also just be a biofuel cell coupled to a supercapacitor to realize storage of 

electrons (or charge). In the simplest design, enzymes such as CDH are employed as the capacitive 

element, depending on their redox active cofactors to accommodate electron storage. In the 

perspective of energy density, the true three-dimensional structures that are proteins can help to 

store more energy in lower volumes. Other biosupercapacitor designs depend on self-charging and 

harvest electrons from progressing oxidation of a suitable substrate. These electrons can then be 

stored in the capacitor, trapped by an accumulating opposing charge that neutralizes the polarized 

electrode surface (Shleev, González-Arribas, and Falk 2017).  

 

Another emerging field of bioelectrochemical applications that exploits CDH as a recognition 

element can be seen as an evolved form of biosensor array and is commonly referred to as 

“bioelectronic tongue” (BioET). There, the sensing principle lies in the combination of enzymes or 

enzyme variants in a biosensor setting, detecting multiple analytes from a complex solution 

simultaneously without pre-treatment to remove or digest certain analytes. Bioelectronic tongues 

have been developed for CDH before and exploit the fact, that enzymes from different host 

organisms display varying preferences for glucose and lactose. If a multiplexing electrode setup 

with multiple working electrodes is used, interferences in the measurement can be nicely 

eliminated and the general accuracy of analyte detection increases, as pioneering work from Cipri 

and colleagues underlined (Cipri et al. 2016).  

 

In that regard, there are ample cases where CDH would benefit from improved enzymatic 

properties and advanced adaptation to the reaction conditions. As such, rooted in the outstanding 

stability and built-in electron array that is the cytochrome domain, CDH may represent an 

extraordinarily well-adapted enzyme for biosensing applications but could potentially see 

improvement in terms of substrate specificity or a substantially wider substrate palette, even. 

Certainly, an improved specificity towards certain mono- or disaccharides whilst excluding other 
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interfering, structurally related molecules would be undoubtedly valuable for any 

bioelectrochemical application and could broaden the palette for sensing applications.  As the 

above-mentioned example of the CDH from C. thermophilus, harboring two active site mutations 

highlighted, substrate discrimination can be adapted with enzyme engineering, but takes 

considerable effort if rational design approaches reach their limits (Ortiz et al. 2017). When 

comparing substrate engineering endeavors of CDH to other redox enzymes such as laccase, it 

becomes evident that future focus in CDH engineering might better be directed towards 

evolutionary design, especially if it can be supported by computational methods, as recent success 

stories with laccase underline (Mate and Alcalde 2015; 2017; Santiago et al. 2016). Although the 

prerequisites might differ, a lack of high-throughput technology for CDH seems to currently 

hamper attempts for more sophisticated engineering of the enzyme. Methodologies that would 

be able to boost screening regimes (agar plate pre-screening, liquid handling automatization, 

display technology, microfluidics, cell sorting) are developed in part but only few examples show 

successful implementation in directed evolution and enzyme engineering and are almost never 

combined. Still, more advances technologies and an even larger contribution from computational 

methods are expected in the upcoming years, together with a more radical utilization of 

established techniques, there is plenty of room for CDH success stories in the near future. 
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Versatile Oxidase and Dehydrogenase Activities of Bacterial Pyranose 2-Oxidase 

Facilitate Redox Cycling with Manganese Peroxidase In Vitro 
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ABSTRACT:Pyranose 2-oxidase (POx) has long been accredited a physiological role in lignin degradation, but 

evidence to provide insights into the biochemical mechanisms and interactions is insufficient. There are 

ample data in the literature on the oxidase and dehydrogenase activities of POx, yet the biological relevance 

of this duality could not be established conclusively. Here we present a comprehensive biochemical and 

phylogenetic characterization of a novel pyranose 2-oxidase from the actinomycetous bacterium 

Kitasatospora aureofaciens (KaPOx) as well as a possible biomolecular synergism of this enzyme with 

peroxidases using phenolic model substrates in vitro A phylogenetic analysis of both fungal and bacterial 

putative POx-encoding sequences revealed their close evolutionary relationship and supports a late 

horizontal gene transfer of ancestral POx sequences. We successfully expressed and characterized a novel 

bacterial POx gene from K. aureofaciens, one of the putative POx genes closely related to well-known fungal 

POx genes. Its biochemical characteristics comply with most of the classical hallmarks of known fungal 

pyranose 2-oxidases, i.e., reactivity with a range of different monosaccharides as electron donors as well as 

activity with oxygen, various quinones, and complexed metal ions as electron acceptors. Thus, KaPOx shows 

the pronounced duality of oxidase and dehydrogenase similar to that of fungal POx. We further performed 

efficient redox cycling of aromatic lignin model compounds between KaPOx and manganese peroxidase 

(MnP). In addition, we found a Mn(III) reduction activity in KaPOx, which, in combination with its ability to 

provide H2O2, implies this and potentially other POx as complementary enzymatic tools for oxidative lignin 

degradation by specialized peroxidases. 

IMPORTANCE: Establishment of a mechanistic synergism between pyranose oxidase and (manganese) 

peroxidases represents a vital step in the course of elucidating microbial lignin degradation. Here, the 

comprehensive characterization of a bacterial pyranose 2-oxidase from Kitasatospora aureofaciens is of 

particular interest for several reasons. First, the phylogenetic analysis of putative pyranose oxidase genes 

reveals a widespread occurrence of highly similar enzymes in bacteria. Still, there is only a single report on a 

bacterial pyranose oxidase, stressing the need of closing this gap in the scientific literature. In addition, the 

relatively small K. aureofaciens proteome supposedly supplies a limited set of enzymatic functions to realize 

lignocellulosic biomass degradation. Both enzyme and organism therefore present a viable model to study 

the mechanisms of bacterial lignin decomposition, elucidate physiologically relevant interactions with 

specialized peroxidases, and potentially realize biotechnological applications. 

Keywords: actinobacteria; lignin degradation; manganese peroxidase; phylogeny; pyranose oxidase. 
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ABSTRACT Pyranose 2-oxidase (POx) has long been accredited a physiological role
in lignin degradation, but evidence to provide insights into the biochemical mecha-
nisms and interactions is insufficient. There are ample data in the literature on the
oxidase and dehydrogenase activities of POx, yet the biological relevance of this du-
ality could not be established conclusively. Here we present a comprehensive bio-
chemical and phylogenetic characterization of a novel pyranose 2-oxidase from the
actinomycetous bacterium Kitasatospora aureofaciens (KaPOx) as well as a possible
biomolecular synergism of this enzyme with peroxidases using phenolic model sub-
strates in vitro. A phylogenetic analysis of both fungal and bacterial putative POx-
encoding sequences revealed their close evolutionary relationship and supports a
late horizontal gene transfer of ancestral POx sequences. We successfully expressed
and characterized a novel bacterial POx gene from K. aureofaciens, one of the puta-
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acteristics comply with most of the classical hallmarks of known fungal pyranose
2-oxidases, i.e., reactivity with a range of different monosaccharides as electron do-
nors as well as activity with oxygen, various quinones, and complexed metal ions as
electron acceptors. Thus, KaPOx shows the pronounced duality of oxidase and dehy-
drogenase similar to that of fungal POx. We further performed efficient redox cy-
cling of aromatic lignin model compounds between KaPOx and manganese peroxi-
dase (MnP). In addition, we found a Mn(III) reduction activity in KaPOx, which, in
combination with its ability to provide H2O2, implies this and potentially other POx
as complementary enzymatic tools for oxidative lignin degradation by specialized
peroxidases.

IMPORTANCE Establishment of a mechanistic synergism between pyranose oxidase
and (manganese) peroxidases represents a vital step in the course of elucidating mi-
crobial lignin degradation. Here, the comprehensive characterization of a bacterial
pyranose 2-oxidase from Kitasatospora aureofaciens is of particular interest for sev-
eral reasons. First, the phylogenetic analysis of putative pyranose oxidase genes re-
veals a widespread occurrence of highly similar enzymes in bacteria. Still, there is
only a single report on a bacterial pyranose oxidase, stressing the need of closing
this gap in the scientific literature. In addition, the relatively small K. aureofaciens
proteome supposedly supplies a limited set of enzymatic functions to realize ligno-
cellulosic biomass degradation. Both enzyme and organism therefore present a via-
ble model to study the mechanisms of bacterial lignin decomposition, elucidate
physiologically relevant interactions with specialized peroxidases, and potentially re-
alize biotechnological applications.
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Auxiliary activity family 3 (AA3) of the Carbohydrate-Active enZymes Database
(CAZy) (http://www.cazy.org/) comprises redox enzymes, which assist other AA

family oxidoreductases or support the activity of glucoside hydrolases in lignocellulose
degradation. All AA3 members belong to the glucose-methanol-choline (GMC) family of
flavin-dependent oxidoreductases, and they typically are multidomain enzymes com-
posed of a flavin-binding domain of the canonical Rossmann fold and a less preserved
substrate-binding domain (1, 2). Subfamily AA3_4 comprises pyranose oxidases (POx
[EC 1.1.3.10]), the phylogenetically most distantly related AA3 subfamily, which is also
the most diverse with respect to structural features. POx oxidizes various monosaccha-
rides, with glucose being preferred, but its substrate specificity is less strict than that of
other members of the AA3 family.

The reaction mechanism of POx generally involves a hydride transfer from the sugar
substrate, resulting in the reduction of its flavin adenine dinucleotide (FAD) cofactor to
its hydroquinone form (FADH2), referred to as the reductive half-reaction. FADH2 is
subsequently reoxidized in the oxidative half-reaction by a suitable electron acceptor
(3). For POx, this electron acceptor can be molecular oxygen (which is reduced to
hydrogen peroxide), a range of (substituted) quinones, (complexed) metal ions, or even
various radicals (4). The role of POx has previously be seen in the provision of H2O2 to
different peroxidases (5), yet these nonoxygen electron acceptors are often used with
much higher catalytic efficiencies by POx, which points toward a potential physiological
significance of reactions with such molecules (6).

The biological function of AA3-family redox enzymes—as defined by CAZy—is to act
in conjunction with CAZymes during lignocellulose degradation. White-rot wood-
degrading basidiomycetes employ a number of lignin-modifying enzymes (LMEs),
extracellular heme-containing lignin, manganese, or versatile peroxidases as well as
laccases. Hydrogen peroxide mediates the formation of the reactive peroxidase inter-
mediate compound I [oxoiron(IV) porphyryl radical], which then— depending on the
enzyme— generates various small oxidants, including the veratryl alcohol cation radical
or Mn(III) coordination complexes. These diffusible mediators subsequently react with
lignin in a nonspecific way, generating radical sites and thereby initiating a cascade of
bond scission, which eventually results in lignin depolymerization (7–10).

Pyranose oxidase and certain other AA3 oxidases can also show a very pronounced
dehydrogenase activity. Dehydrogenases involved in lignocellulose degradation are
implicated in maintaining a quinone/hydroquinone redox cycle as well as in the
provision of reduced metals for diverse radical-based depolymerization reactions (11).
Recently, POx from the white-rot basidiomycete Irpex lacteus was shown to reduce
quinoid intermediates produced by laccase from phenolic compounds and lignosul-
fonate in vitro and thus prevent their (re)polymerization (12). The same effect was also
observed for this fungal POx when acting on extracted lignin with peroxidases (13). This
is consistent with a proposed biological function of detoxifying lignin degradation
products or phenolic compounds that are part of plant defense mechanisms (14).

Research on the enzymology of lignin depolymerization and oxidative polysaccha-
ride degradation has largely focused on fungal systems; thus, the majority of charac-
terized enzymes are from fungal sources (10, 15, 16), whereas knowledge on respective
bacterial enzyme systems is comparably scarce. However, the capability for lignin
oxidation was observed in a number of soil bacteria, the majority of which fall into the
taxonomic groups of actinobacteria, alphaproteobacteria, and gammaproteobacteria
(10). Recent studies implicate dye-decolorizing peroxidases (DyP) as key enzymes in
bacterial lignin depolymerization (9, 17), and genome data suggest that these enzymes,
while present in some fungi and higher eukaryotes, are most prominent in bacteria (18).
Even though biochemical data on these bacterial enzymes are limited, it was shown
that certain bacterial DyP possess a peroxidase activity comparable to those of fungal
DyP and manganese peroxidases (19). Additionally, an H2O2-independent but Mn(II)-
and O2-dependent oxidase activity was demonstrated for DyP2 from Amycolatopsis sp.
strain 75iv2 (17).

These observations suggest that bacteria utilize mechanisms for lignin depolymer-
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ization that are more basic and “minimalistic” but similar to those used by fungi. This
consequently poses several questions regarding the enzymatic equipment of these
bacteria: what activities accessory to lignin and lignocellulose degradation exist and are
employed in bacteria? How can lignin-modifying bacteria provide H2O2 for their
peroxidases: do they possess a proprietary oxidase system for that purpose? Do
bacteria utilize dehydrogenases for quinone/hydroquinone redox cycling and provision
of reduced metals?

We searched for putative AA3 family enzymes in bacterial genomes by comparison
with fungal AA3 sequences and established phylogenetic relationships between fungal
and bacterial AA3 sequences. We further expressed, purified, and characterized a novel
bacterial pyranose oxidase that demonstrates oxidase as well as dehydrogenase activ-
ities and may be involved in lignocellulose depolymerization via interaction with
peroxidases, as was determined in vitro in this study.

RESULTS
Phylogenetic analysis. In order to evaluate which well-known fungal AA3 enzymes

have close relatives in bacteria, we BLAST searched representative fungal enzyme
sequences for their respective most similar sequences in the bacterial domain. Subse-
quently, their most probable phylogenetic relation was calculated and summarized in
a phylogenetic tree (see Fig. S1 in the supplemental material). We found that POx is the
only AA3 enzyme that is shared among fungi and bacteria. This is evident from the
close relationship of identified bacterial POx hits with the clade of fungal POx se-
quences and a maximal (100%) bootstrap support for this relation. All other fungal AA3
enzymes, aryl-alcohol oxidase (AAO), alcohol oxidase (AOx), cellobiose dehydrogenase
(CDH), glucose dehydrogenase (GDH), glucose oxidase (GOx), and pyranose dehydro-
genase (PDH), have sequence hits in bacteria that cluster among or closely with
characterized bacterial choline dehydrogenases (ChDH) rather than with their fungal
query sequences. None of the bacterial hits were found to cluster with bacterial
cholesterol oxidases (ChOx). Two bacterial sequences from the BLAST search clustered
closest to fungal CDH. Still, they displayed a high degree of difference, given a branch
length of 1.7 amino acid substitutions per site and sequence identities of 26% with
fungal CDH. In addition, these bacterial sequences lack a cytochrome domain and
therefore cannot be considered a bacterial equivalent of fungal CDH.

In the subsequent analysis of POx distribution in bacteria, we found the putative
POx genes to occur mainly in Actinobacteria and Proteobacteria but also in Bacilli (Fig.
1). Putative POx sequences of Proteobacteria separated into two main clades of Alpha-
proteobacteria and Gammaproteobacteria, and few sequences occurred in nonspecific
clades, while sequences of actinobacterial origin separated mainly into four different
clades. The smallest of these four clades was found closely associated with the fungal
POx sequences. Again, a small number of actinobacterial sequences were found in
nonspecific clades. Finding one separate clade of sequences from Actinobacteria this
closely related to fungal POx sequences is of high interest, especially since no sequence
of this clade has been characterized so far. The putative POx sequences occurring in
Bacilli form a single and completely separate clade.

Sequence and structural model of pyranose oxidase from Kitasatospora aureo-
faciens. We selected the putative POx from Kitasatospora aureofaciens (formerly Strep-

tomyces aureofaciens), for which complete high-quality genome data (20) are accessible
in the NCBI genome database (txid1894), for further analysis, as this sequence (KaPOx)
was the most similar one to that from Trametes ochracea (ToPOx), the most thoroughly
characterized fungal POx to date. The sequences show an identity of 38.7%, a query
match of 545 out of 623 ToPOx residues, and only limited gaps in the alignment of the
two sequences (Fig. S2). Assessment of potential N-terminal signal peptides in both POx
sequences yielded negative outcomes for eukaryotic and Gram-positive signal predic-
tions. Surprisingly, prediction of a bacterial twin-arginine signal peptide was positive in
the fungal ToPOx sequence, comprising the initial 27 residues (Fig. S3).
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The correlation of the KaPOx sequence alignment and a homology model (Fig. S4)
showed that KaPOx lacks a designated presequence at the N terminus, as its first
residues (starting from Y5) are already part of the canonical Rossmann fold. In contrast
to that, ToPOx contains approximately 40 N-terminal residues that are not part of the

FIG 1 Phylogenetic tree of putative pyranose oxidase genes. The phylogenetic relation of bacterial (black) and fungal (orange) sequences based
on maximum likelihood was assessed using 1,020 bootstrap repetitions as statistical support. Numbers in the graph represent bootstraps
coefficients, expressed as percentages. Sequences from characterized fungal CDH and bacterial ChOx were used as outgroups. Sequences from
characterized enzymes are indicated in bold letters. Most clades of closely related sequences were collapsed in triangles to reduce the complexity
of the cladogram.
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Rossmann fold. A general complete match was obtained for most parts of the
N-terminal Rossmann fold in KaPOx, the most notable difference being a missing
sequence stretch (T385 to E410) corresponding to the ToPOx head domain and the
absence of a loop (L337 to L349) on the opposite side of the enzyme. In addition, the
KaPOx model displays minor deviations in the secondary-structure arrangements.
Contrasting to ToPOx, the KaPOx homology model contains a short alpha-helix in the
multimerization arm (P86 to L92).

We observed good agreement when aligning the active sites of the two POx
homologues. The FAD-coordinating catalytic residues H548 and T169 in ToPOx (21)
corresponded to H464 and T130 in KaPOx, respectively. Histidine 167, which is known
to establish the covalent 8�-(N3)-histidyl link to FAD in ToPOx (22), corresponded to
homologue H128 in the KaPOx model, presumably realizing a covalently attached
FAD in the bacterial POx as well. Comparable motifs were also found for the FAD-
coordinating si-side helix and loop, where 122-VGGMGTHWTGAT-133 is nearly identical
to the corresponding ToPOx sequence (161-VGGMSTHWTCAT-172) (differences under-
lined). A notable dissimilarity was found in the gating segment of the substrate
recognition loop (23), where T367 (H450) and H372 (S455) were identified in the KaPOx
model (corresponding ToPOx amino acids are in parentheses).

Production and purification of recombinant KaPOx. Shake flask cultivation of
2.5 liters E. coli suspension, carrying the KaPOx gene with a C-terminal 6�His tag under
the control of the T7 promoter, yielded 56 g of wet cell pellet. After resuspension
and cell disruption, 450 ml of crude extract (CE) was obtained and subjected to
immobilized-metal affinity chromatography (IMAC) purification. Active fractions were
pooled to yield 33.2 mg of purified protein, with a specific activity of 6.9 U mg�1 using
the 2,2=-azino-bis-3-ethylbenzothiazoline-6-sulfonic acid (ABTS) assay (pH 7.5). A sub-
sequent dialysis step buffered the protein at pH 6.0 and caused the formation of an
intensely yellow precipitate. This precipitation was reversible and did not affect enzy-
matic activities. The presence of the 61.2-kDa KaPOx band could be confirmed before
and after the dialysis step via SDS-PAGE (Fig. S5A). Subsequent washing of the enzyme
aggregate by gentle centrifugation allowed removal of soluble impurities to yield
a �95% pure KaPOx preparation as determined by software-aided analysis of the
SDS-PAGE. Analysis by liquid chromatography-electrospray ionization mass spectrom-
etry (LC-ESI-MS) of the washed and dialyzed enzyme confirmed its complete sequence
and the absence of host cell-derived protein impurities.

KaPOx is a homodimeric enzyme with covalently bound FAD. Polyacrylamide gel
electrophoresis under nondenaturing conditions displayed band sizes at approximately
120 kDa, indicating a 2 � 61.2 KaPOx dimer before and after dialysis (Fig. S5B). We
observed complete resolubilization of dialyzed KaPOx aggregates when dissolving it in
buffer at alkaline pH. Analysis of particle sizes via dynamic light scattering (DLS)
revealed the pH dependence of aggregation of the purified enzyme. In accordance with
native PAGE results, a dimeric state of KaPOx was confirmed by DLS measurements
at pH 8.5. Analysis of 100 measurements yielded an estimated size distribution of
8.5 � 1.9 nm, equaling an estimated protein size of 121 � 13 kDa for 99.7% of the
monodisperse mass (Fig. 2A). Titration of the soluble sample from pH 9.0 to 5.0 revealed
initiation of aggregation at a pH below 7.5 (Fig. 2B).

Histidine 128, as was suggested by the KaPOx homology model, was confirmed to
be covalently modified by FAD via LC-ESI-MS analysis of the chymotryptic digest of the
enzyme. The covalently bound FAD moiety was identified on the peptide 121-AVGGM
GTHW-129 containing the proposed H128. In the sample, a total of 91% of this peptide
was conjugated with a FAD, leaving a respective 9% unmodified (Fig. S6). The same
ratio was calculated by MS analysis of intact (undigested) recombinant KaPOx protein
(data not shown).

KaPOx performs C-2 site oxidation in D-glucose. High-performance liquid chro-
matography (HPLC) analysis of KaPOx oxidation products from batch conversion ex-
periments confirmed the characteristic oxidation of sugar substrates at the C-2 position.
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A mixture of D-glucose and 2-keto-D-glucose (both 25 mM) was used as a measurement
standard, and retention times (Rt) of 12.8 min and 15.3 min were determined, respec-
tively. We detected a gradual increase in 2-keto-D-glucose signals and concomitant
decrease of D-glucose signals (Fig. S7): after an initial lag phase, the oxidation pro-
ceeded almost linearly until the reaction was stopped at 84% D-glucose conversion
after 20 h (data not shown).

Catalytic properties of KaPOx. Steady-state measurements with ambient oxygen
as the electron acceptor yielded the Michaelis-Menten parameters presented in Table
1. These kinetic data display a pronounced preference for monosaccharides in general
and for D-glucose and D-galactose in particular. This is predominantly reflected in the
low Km values of 1.5 � 0.1 mM and 2.7 � 0.5 mM, respectively. Efficient turnover of
L-sorbose, D-xylose, D-glucono-1,5-lactone, and D-mannose, but no specific reactivity
with any of the tested disaccharides, was observed.

We assessed the kinetic parameters of oxygen reduction with the help of a lumi-
nescent microsensor. This was approached by following the kinetics of consumption of
dissolved oxygen by KaPOx from an initial concentration of 800 �M to 1 �M. However,
saturation of the reaction could not be observed at these concentrations, indicating the
Km for O2 to be close to or above the maximal soluble O2 concentration in this setup.
Thus, it was decided to fit dissolved-oxygen curves to the integrated Michaelis-Menten
equation as an estimation, which yielded an apparent Km (O2) of 1.1 � 0.1 mM and a
kcat of 32.4 � 0.7 s�1.

FIG 2 Dynamic light scattering (DLS) experiments to investigate KaPOx multimerization and pH-dependent
aggregation. (A) Back scattering analysis of KaPOx. One hundred repeats were fitted to yield an average particle
size (peak) of 8.5 nm for 99.7% of the mass, which estimated a protein size of 121 � 13 kDa for the KaPOx at pH
8.5. (B) Protein aggregation observed during the titration of the KaPOx sample toward pH 5.0 was recorded by
means of particle size.

TABLE 1 Apparent kinetic constants of POx from K. aureofaciens for various electron
donorsa

Substrate
Vmax

(U mg�1) Activityb (%) Km (mM) kcat (s�1)
kcat/Km

(mM�1 s�1)

D-Glucose 7.6 � 0.0 100 1.5 � 0.1 15.4 � 0.0 10.0
D-Galactose 5.8 � 0.2 77 2.7 � 0.5 11.9 � 0.5 4.40
L-Sorbose 5.0 � 0.2 66 13.6 � 1.3 10.2 � 0.5 0.75
D-Xylose 3.3 � 0.2 44 32.4 � 3.9 6.8 � 0.3 0.21
D-Glucono-1,5-lactone 0.8 � 0.0 10 28.7 � 2.4 1.8 � 0.1 0.06
D-Mannose 1.1 � 0.1 14 201.0 � 60.1 2.2 � 0.3 0.01
aData were obtained from the standard ABTS assay under standard conditions with oxygen as electron
acceptor (air saturation). Values represent averages and standard deviations of 3 technical replicates. For
D-glucose-1-phosphate, D-ribose, D-sorbitol, maltose, cellobiose, lactose, and sucrose, substrate observed
reaction rates under assay conditions (Vobs) values were �2% those for saturated D-glucose.

bValues are expressed as relative activities with respect to the Vmax of D-glucose (100%).
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In addition to oxygen, various compounds were assessed as possible electron acceptors
of KaPOx. Catalytic efficiencies for the two-electron acceptors 1,4-benzoquinone (1,4-BQ)
and dichloroindophenol (DCIP) of 311 � 44 and 313 � 36 mM�1 s�1, respectively, ex-
ceeded that for oxygen (30 � 0.8 mM�1 s�1) by approximately 1 order of magnitude, which
is mainly attributed to the substantially lower Km value. The one-electron reduction
reactions evaluated for the ferrocenium ion (208 � 19 mM�1 s�1) and the ABTS radical
(309 � 8.5 mM�1 s�1) are equally pronounced in KaPOx (Table 2). In addition, we found
complexed Mn(III) to be a one-electron acceptor for KaPOx. Although the measurements
did not allow the estimation of kinetic parameters—due to limitations of Mn(III) complex
solubility, saturation of the reaction could not be reached—the apparent activities for
Mn(III) reduction were the highest among the measured compounds. We successfully
verified the specific Mn(III) reduction reaction by KaPOx in a separate experiment (Fig. S8).

Analysis of the pH dependence of KaPOx activity revealed overlapping pH depen-
dencies for the electron acceptors O2 and BQ (maximal activities at pH 8.0 to 8.5) and
a shifted pH curve for DCIP toward a more acidic pH (maximal activities at pH 6.5 to 7.0)
(Fig. S9). In general, the enzyme displayed effective turnover at pH 5.0 to 9.5. Still,
reactions at pH 9.0 and higher could partially not been maintained for longer than 150 s
under the given conditions. As progressive aggregation was observed for pure KaPOx
samples below pH 7.5, the pH-dependent activities in this experiments could have been
subject to decreased activity due to the comparably lower soluble concentrations of
KaPOx in the activity assays.

Oxidoreductive coupling between KaPOx and manganese peroxidase. Enzy-
matic redox cycling of model compounds between POx and manganese peroxidase
(MnP) could be established for the methoxy-substituted phenols 2,6-dimethoxyphenol
(DMP), guaiacol, acetosyringone, and sinapic acid. With the addition of hydrogen
peroxide, MnP catalyzed the oxidation of these phenols to their respective quinoids,
which was monitored spectrophotometrically at the respective characteristic wave-
lengths (Fig. 3 and Fig. S10). For 2,6-DMP and guaiacol, the subsequent addition of
KaPOx to the assay mixture (containing the electron donor D-glucose) caused a sudden
stop in oxidation and a full reversion of the reaction to base level absorbances after 5
to 7 min. For acetosyringone and sinapic acid, the addition of KaPOx facilitated partial
reversion of the reaction, as the proceeding formation of oxidation products was
stopped at a certain level after �12 min. These results indicate that the tested phenols
are oxidized by MnP and are then subject to reduction by KaPOx.

In contrast, the KaPOx-mediated reduction of 1,4-benzoquinone to its reduced
hydroquinone state was monitored spectrophotometrically. Upon addition of MnP a
decrease in the reduction reaction was observed, clearly demonstrating that MnP
catalyzed the partial reoxidation of hydroquinone, thus competing with the proceeding

TABLE 2 Apparent kinetic constants of POx from K. aureofaciens for various electron
acceptorsa

Substrate
Vmax

(U mg�1) Activityb (%) Km (mM) kcat (s�1)
kcat/Km

(s�1 mM�1)

Oxygen 15.9 � 3.1 100 1.07 � 0.1 32.4 � 0.7 30
1,4-Benzoquinone 12.2 � 0.3 77 0.08 � 0.1 24.9 � 7.1 311
DCIP 4.4 � 0.5 28 0.03 � 0.0 9.4 � 1.1 313
Ferrocenium ion 105.0 � 9.5 660 1.03 � 1.0 214 � 19 208
ABTS radicalc 6.1 � 0.2 38 0.04 � 0.0 12.4 � 0.3 309
Mn(III)d 226.0 � 2.8
aData were obtained under standard conditions (unless indicated otherwise) using D-glucose as saturating
substrate with nitrogen bubbled solutions. Values represent averages and standard deviations for 3
technical replicates.

bValues are expressed as relative activities with respect to the Vmax of oxygen (100%).
cLaccase was used to prepare the ABTS cationic radical and was removed by ultrafiltration. The ABTS radical
concentration was determined photometrically.

dFor Mn(III), no saturation could be reached; Vmax represents a Vobs reaction rate at the apparent solubility
limit of the Mn(III) complex at 1 mM.
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reduction reaction. Here, MnP catalysis is driven by H2O2 derived from the KaPOx
reaction with D-glucose and ambient O2.

DISCUSSION

In this report, we provide the biochemical characterization of a pyranose 2-oxidase
from the actinomycetous, Gram-positive soil bacterium Kitasatospora aureofaciens and
show a possible interaction with peroxidases using lignin model compounds as sub-
strates in vitro. Since POx has been characterized from prokaryotic and eukaryotic
organisms, these results will aid to compare fungal and bacterial systems for biomass
degradation.

The phylogenetic analysis of sets of fungal GMC enzymes with their most similar
bacterial sequences highlights the close relation between fungal and bacterial POx, as
was indicated by high sequence similarities reported previously (24). In the analyzed set
of GMC enzymes, the resulting putative bacterial POx sequences are more closely
related to fungal POx sequences than to their most similar bacterial sequences, which
is the opposite for all other GMC enzymes (Fig. S1). This strongly suggests that fungal
and bacterial POxs share an ancestor. A mutual origin for bacterial and fungal POxs is
also supported by the phylogenetic analysis of assembled POx sequences, where
characterized fungal POx genes cluster among putative bacterial POx sequences to
form a distinct clade (Fig. 1). Within this clade, bacterial actinomycetous POxs are
gathered alongside their fungal homologues. POxs from Tricholoma matsutake, Asper-
gillus oryzae, and Aspergillus nidulans (Emericella nidulans) are the most closely related
biochemically characterized fungal enzymes, with sequence similarities of �40% with
respect to KaPOx. This supports the proposed horizontal gene transfer of bacterial POx
genes into the kingdom of fungi (25). This relationship furthermore explains the often
described peculiar features of fungal POx, such as the overall structural diversity and
unique combination of structural motifs (14), the general lack of glycosylation (4, 26,
27), and the prediction of bacterial signal peptides (28) that separate them from other
fungal GMCs.

As is observable in the phylogenetic tree of POx sequences, putative pyranose
2-oxidase-encoding genes are widely distributed in the phylum of Firmicutes and
particularly in Actinobacteria (Fig. 1). In these organisms, POx would be expected to
fulfill physiological roles similar to those in biomass-degrading fungi. These bacteria
and fungi often share a habitat, are comparable regarding their lifestyles, and contrib-
ute to lignocellulosic biomass degradation in a synergistic manner (29–32). Hence, gene
transfer between different species should be regarded as beneficial for the organisms.

FIG 3 Cooperative redox cycling of substituted phenols between KaPOx and MnP. The qualitative photometric
assays were started with phenol oxidation (A) or quinone reduction (B). (A) Assay mixtures contained manganese
peroxidase (MnP), 2,6-dimethoxyphenol (2,6-DMP), and D-glucose. Reactions were started by the addition of H2O2.
Four minutes into the reaction, KaPOx was added. (B) Assay mixtures contained 1,4-benzoquinone (1,4-BQ) and
D-glucose. Reactions were started by addition of KaPOx; 6 min into the reaction, MnP was added.
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The comparison of putative active-site residues of KaPOx with the corresponding
residues of characterized fungal ToPOx shows an excellent agreement. It is therefore
not surprising that the determined KaPOx substrate preferences are quite comparable
to those of fungal POx for electron donors as well as electron acceptors. Still, KaPOx
exhibits a pronounced reactivity with D-galactose and a distinctively high Km value for
O2 in the low millimolar range. The ability to use oxygen as an electron acceptor seems
to be less developed in bacterial POx, as was also shown for the bacterial POx from
Pseudoarthrobacter siccitolerans (24). Furthermore, the kinetic characterization of KaPOx
revealed universally reduced turnover numbers (and narrower pH dependencies) in
comparison to those of fungal POx (4, 12, 33). We hypothesize that this is caused partly
by differences in the gating segment of KaPOx, a distinct loop in the active site that was
reported to be influential for the catalytic rates in fungal POx (23, 34). In KaPOx, the
comparably bulky H372 (S455 in ToPOx) could restrict flexibility of the loop due to
increased (pH-dependent) interactions with its surroundings.

Similar to other POx, KaPOx exhibits substantial capacity to reduce one-electron
acceptors such as the ferrocenium ion and the ABTS radical. Most strikingly, we
additionally confirmed the enzymatic one-electron reduction of complexed Mn(III), a
reactive by-product of peroxidase activity. For KaPOx, turnover rates for Mn(III) and
ferrocenium were the highest measured but a Km value for the reduction of Mn(III) to
Mn(II) could not be resolved.

Surprisingly, we could not identify a signal peptide or targeting sequence for KaPOx
with the available trained algorithms. As bacterial secretion systems are diverse and not
entirely understood (35), an export of KaPOx from the cytoplasm can still be considered
possible. A previous report on the actinomycetous Streptomyces olivaceoviridis docu-
mented the secretion of large cellulolytic enzyme complexes via the calcium-
dependent dockerin-scaffoldin interaction, in which catalytically inactive scaffoldins
bind various lytic enzymes at their dockerin domain (36). Studies of DyP from various
actinobacteria describe the association of these enzymes with encapsulin to facilitate
targeting of proteins via a C-terminal recognition sequence (37). Similar mechanisms
could serve as means to translocate KaPOx and synergistic enzymes to the extracellular
space in its native host. Interestingly, we found a dockerin-like motif and putative
calcium-binding aspartate patches in the KaPOx homology model head domain, a
domain which has not been ascribed a specific functionality in fungal POxs yet (38). We
would like to stress at this point that KaPOx was selected for expression and charac-
terization from a number of sequences from Streptomyces spp. and related species
primarily based on sequence similarity. We cannot claim experimental evidence of
actual growth on lignin of this bacterium.

As experiments with manganese peroxidase underlined, redox cycling occurs when
DMP and other substituted phenols are oxidized by MnP and subsequently rereduced
by KaPOx. We cannot experimentally verify if POx participates in the initial reduction of
short-lived DMP phenoxy radicals or exclusively reduces the spontaneously formed
quinoid DMP-dimer coerulignone (39, 40). Given the fact that POx efficiently mediates
single-electron reductions with other substrates, we propose that aromatic radicals
generally are subject to POx reduction, too. With this, the (re)polymerization of aro-
matic lignin constituent radicals (7–10) can be shifted toward depolymerization, as was
confirmed for POx and laccase (12). The interaction of POx with manganese, and with
(bacterial) DyP in particular (17, 41–43), may be even more complex. Here, the oxidase
activity of POx can supply H2O2 to fuel peroxidase-mediated lignin decomposition,
whereas the dehydrogenase activity recycles aromatic lignin compounds (radicals),
decreases repolymerization, and scavenges highly reactive Mn(III) ions that are pro-
duced by the peroxidase (Fig. 4). A synergistic interaction between POx and peroxi-
dases was recently demonstrated to effect lignin depolymerization in vitro (13).

Assuming at least limited hemicellulose degradation prior to delignification, small
amounts of the major monosaccharide constituents D-glucose, D-galactose, D-xylose,
L-arabinose, and D-mannose, which are all substrates for pyranose 2-oxidases, would be
available at the early stage of lignocellulose deconstruction. Several reports on bacteria
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of the Streptomyces genus provide data that these organisms possess the enzymatic
equipment for at least partial extracellular polysaccharide degradation down to the
monosaccharide level (44–47). These monosaccharide electron donors could be oxi-
dized by POxs with concomitant H2O2 production, while other potential electron
acceptors, like lignin-derived radicals (with their higher affinity for POxs), are expected
to be largely absent at this stage. Transcriptome analysis in the white-rot fungus Irpex
lacteus grown on lignin indicates a role for POx in the early stages of lignin degradation
as well (43). In later stages, POx may preferentially reduce the increasingly present
lignin-derived radicals (thereby preventing repolymerization) and reactive Mn(III)-
complexes close to the cell, where such intermediates could cause damage to cellular
constituents. The “switch” between oxidase and dehydrogenase activities could simply
be dictated by the concentration of the available (dehydrogenase) acceptors and the
high affinity of POx for those acceptors. Based on recently reported results, however, it
is also conceivable that POx-supplied H2O2 activates lytic polysaccharide monooxyge-
nases (LPMOs) in the presence of a reductant, as was shown for the cellulose-active
ScLPMO10C from Streptomyces coelicolor (48). Additionally, phenols from plants and
fungi were implicated in the reductive activation of LPMOs (11). This could suggest an
intricate interplay of POx, peroxidase(s), and LPMO in the depolymerization of ligno-
cellulosic substrates, particularly in the absence of a functional CDH, as we showed for
bacteria.

Analysis of the K. aureofaciens genome revealed the presence of a set of genes
encoding putative cellulolytic and ligninolytic enzymes. Our analysis identified five
genes coding for putative laccases (26 to 27% identity to query; homologous laccase
sequences are usually less conserved), six genes coding for putative DyP (42 to 61%
identity to query), and five genes coding for putative LPMOs (41 to 74% identity to
query). No genes with significant similarity to CAZy AA3 oxidoreductases besides POx
(AOx, AAO, GOx, GDH, CDH, and PDH) could be found. Five putative choline dehydro-

FIG 4 Proposed model of the physiological role of POx as a redox partner of specialized peroxidases. POx
utilizes monosaccharides (D-glucose, D-galactose, D-xylose, etc.) potentially derived from (hemi)cellulose
degradation. POx oxidase activity can supply diffusible H2O2 to fuel (dye-decolorizing) peroxidases (DyP).
These peroxidases are known to produce aromatic radicals from lignin-derived phenols, mediating bond
fission in the biopolymer. These radicals usually readily repolymerize but could be prevented from doing
so if reduced by POx dehydrogenase activity as suggested. This would shift the balance toward
depolymerization and additionally protect against cellular damage. For some peroxidases, Mn(III) is a
by-product of their reaction. Like phenolic radicals, it can be seen as a potential mediator in depoly-
merization. Mn(III) can be reduced to Mn(II) and thus detoxified and recycled by POx.
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genases (ChDH) and two putative cholesterol oxidases (ChOx) represent the most
closely related sequences to the AA3 queries (Table 3). Thus, KaPOx most likely
represents the only AA3 family enzyme in this bacterium. Given the limited bacterial
genome size (the K. aureofaciens genome is 7.1 Mb and the I. lacteus genome is
44.4 Mb), versatile oxidase and dehydrogenase activities for different purposes per-
formed by one enzyme, POx, represent a vital advantage.

In summary, a comprehensive biochemical characterization of a novel pyranose
2-oxidase from the Gram-positive bacterium K. aureofaciens stresses the close biochem-
ical similarity of this enzyme to previously reported POx from fungi. These data strongly
support the close phylogenetic relation of bacterial and fungal POx established in silico
and support the hypothesis of a late horizontal gene transfer of an ancestral POx gene
from bacteria into the kingdom of fungi. The reported ability to reduce (complexed)
manganese ions and the synergistic redox cycling with peroxidase by POx suggest a
role in lignin degradation in bacteria.

MATERIALS AND METHODS
Phylogenetic analysis. Representative sequences of characterized GMC enzymes found on the

UniProtKB Protein Knowledgebase (49) and in the literature were selected to create a phylogenetic tree
compiling fungal and bacterial GMC enzymes. A protein search with the Basic Local Alignment Search
Tool (BLAST) in bacteria (taxid: 2) was conducted on the nonredundant NCBI protein database (50) using
the following characterized fungal enzymes as query sequences: AOx (GenBank accession numbers
AAB57849.1 and ABI14440.1), AAO (AMW87253.1 and ALS87663.1), PDH (AAW82997.1 and AHA85314.1),
GDH (XP_002372599.1 and AIL89873.1), GOx (AGI04246.1 and AAB09442.1), CDH (ADX41688.1 and
EAA27355.1), and POx (AAO13382.1 and EAA62441.1). The 10 best hits for each fungal enzyme were
combined in a tree of fungal and bacterial GMC enzymes. The selections were aligned in MAFFT v7.402
(51) using the E-INS-i algorithm, and maximum likelihood trees were calculated with PhyML (52) under
the LG (53) substitution model, as determined by Smart Model Selection (54) under the Akaike
information criterion (AIC) selection criterion. The tree topology was optimized using nearest neighbor

TABLE 3 NCBI accession numbers of K. aureofaciens genes that were identified from
genome mining to encode putative enzyme functionalities in biomass degradationa

Category Accession no. (sequence identity; E value)

AA3
ChDH WP_003983688.1 (40%; 2e�105)

WP_003979475.1 (37%; 1e�101)
WP_003981588.1 (36%; 4e�80)
WP_003980634.1 (32%; 1e�75)
WP_003983194.1 (31%; 1e�71)

ChOx KOG78271.1 (82%; 0.0)
WP_078575894.1 (83%; 0.0)

POx WP_046385855.1 (38%; 6e�117)

DyP WP_033347900.1 (60%; 7e�157)
WP_050498772.1 (61%; 9e�157)
WP_030278611.1 (60%; 1e�156)
WP_030552786.1 (46%; 2e�95)
WP_033348331.1 (46%; 5e�94)
WP_003978980.1 (42%; 1e�88)

LPMO WP_003983705.1 (74%; 2e�91)
WP_003979198.1 (65%; 2e�83)
WP_003986797.1 (51%; 2e�46)
WP_033347003.1 (43%; 5e�39)
WP_003986796.1 (41%; 1e�45)

Laccase WP_033347195.1 (27%; 2e�42)
WP_030552568.1 (27%; 1e�41)
WP_003982845.1 (26%; 1e�26)
WP_063736155.1 (26%; 2e�39)
WP_030279851.1 (27%; 2e�38)

aUsed query sequences (UniProtKB): AA3 (individual set), DyP (Q0S4I5 and K7N5M8), LPMO (Q9RJC1, Q9RJY2,
B3PJ79, B3PDT6, Q838S1, Q2SNS3, C7R4I0, O83009, Q47QG3, Q47PB9, Q62YN7, and Q65N87), and laccase
(J9PBQ8 and J9PBR2). No significantly similar sequence could be identified for queries of AAO, Aox, CDH,
GDH, Gox, and PDH in the genome.
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interchange (NNI) and subtree pruning and regrafting (SPR), and node support was assessed by
performing 500 bootstrap replications.

To collect additional POx sequences occurring in bacteria we combined multiple searches on the
UniProtKB, using either BLAST or HMMsearch (55). Queries for the HMMsearch were alignments of
characterized fungal POx sequences and of the 10 best bacterial BLAST hits from the search described
above. Queries for the BLAST search were characterized fungal POx sequences with GenBank accession
numbers AAO13382 and EAA62441.1 (28, 33), characterized bacterial POx sequences with GenBank
accession numbers CCQ48064.1 and A0A1E7NAU4 (6; this work), and the putative bacterial POx se-
quences with NCBI Reference Sequence numbers WP_028814754.1 and WP_035850787.1. All searches
were restricted to E values of �1.0e�30, and duplicates were removed. Sequence names were renamed
using SeqScrub (71), and the two most closely related GMC enzymes cholesterol oxidase (ChOx) and
cellobiose dehydrogenase (CDH) were added as outgroups. Sequences not showing the flavin-binding
GxGxxG motif (56) were removed from the selection. Sequences were aligned by MAFFT v7.402 using the
FFT-NS-2 algorithm and a maximum likelihood tree was calculated with PhyML and the LG substitution
model, as determined by Prottest 3.4.2 (57) under the AIC selection criterion. Tree topology was
optimized using NNI and SPR and node support was assessed by performing 1,020 bootstrap replications.

Homology model and sequence analysis of KaPOx. We used the Protein Homology/Analogy
Recognition Engine Phyre2 (58) to calculate the most probable homology model of the KaPOx based on
the POx sequence from Trametes ochracaea (formerly Trametes multicolor). For this pair, a sequence
identity of 38.7% is reported for a covered sequence of 545 of 623 residues. The UniProtKB protein BLAST
and PyMOL 1.3 were used for analyzing both the bacterial KaPOx sequence (A0A1E7NAU4) and the
homology model with respect to ToPOx (Q7ZA32). The SignalP online tool (59) and the TatP online tool
(60) were used for predicting the presence and identity of N-terminal signal peptides.

Recombinant expression and purification. The full-length KaPOx gene was synthesized with a
C-terminal 6�His tag and inserted into the pET-21b(�) expression vector, in which the standard
N-terminal T7-tag was excluded (BioCat). This plasmid was then transformed into chemically competent
E. coli T7 Express cells (New England BioLabs) according to the standard 5-min transformation protocol.
Sequencing (Microsynth) confirmed the identity of the plasmid. The cultivation of E. coli cultures was
carried out routinely in terrific broth (TB) Amp� buffered at pH 7.5 and supplemented with ampicillin
(100 �g ml�1) at 37°C. Cultures were incubated at 20°C for 20 h in the presence of 1.0% (wt/wt) lactose
to induce expression of KaPOx. Cell disruption and immobilized metal affinity chromatography were
carried out as previously described (61), with the adaptation of using 50 mM Tris-HCl based buffers at pH
8.0. Active fractions were pooled and dialyzed at 4°C against 50 mM potassium phosphate buffer (PPB;
pH 6.5) using 7-kDa-cutoff Membra-Cel (Serva) dialysis tubing. After dialysis, the yellow KaPOx precipitate
was harvested from the tube and washed twice with 50 mM PPB (pH 6.5) by centrifugation at 1,000 �
g and 4°C for 120 s. Homogeneity of the purified protein was confirmed by SDS-PAGE and LC-ESI-MS
peptide mapping.

Protein concentration and purity. Protein concentrations of purification fractions and pure samples
were analyzed using the Bio-Rad protein assay kit according to Bradford’s method (62). For this, dilutions
of bovine serum albumin were used as a standard. SDS-PAGE was carried out using Mini-PROTEAN TGX
gels; Precision Plus unstained mass ladders served as a standard (both Bio-Rad). Purified protein samples
were diluted to 0.5 mg ml�1 in 2� Laemmli buffer and incubated at 95°C for 5 min unless stated
otherwise.

PAGE under nondenaturing conditions. Purified KaPOx was diluted to 1.5 mg ml�1 in nondena-
turing sample buffer (25 mM Tris-HCl, 200 mM glycine, 10% [wt/wt] glycerol, 0.25% [wt/wt] bromphenol
blue [pH 8.5]) and loaded onto a Mini-PROTEAN TGX stain-free gel (Bio-Rad) before being run at 150 V
(25 to 50 mA) for 50 min. The results of the native PAGE were visualized using fluorescence imaging in
a Gel Doc XR system (Bio-Rad).

DLS analysis of KaPOx multimerization and aggregation. Samples for dynamic light scattering
(DLS) were prepared by diluting KaPOx to 1.0 mg ml�1 in 50 mM Tris-HCl and 100 mM NaCl (pH 8.5).
Subsequently, the soluble protein solution was filtered through a 0.22-�m filter and centrifuged at
20,000 � g for 5 min to remove remaining aggregates. Supernatants were analyzed in a Zetasizer Nano
ZSP autotitrator system (Malvern) at 633 nm, and with back scattering at an angle of 173°. Size
distribution models were fitted based on data obtained from 10-s integrations of the sample (Mark-
Houwink parameters: A � 0.428 and k � 7.67 � 10�5 cm2 s�1) with data processing optimized for protein
sample by the supplier’s software. Measurements of POx from T. ochracaea and cellobiose dehydroge-
nase from Myceliophthora thermophila served as standards. Analysis of the pH-dependent aggregation of
KaPOx was realized via pH titration with 0.5 M HCl from pH 9.0 to 5.0.

Peptide profiling of KaPOx H128 by LC-ESI-MS. LC-ESI-MS analysis was based on the previously
described method (22) and was adapted to the given instrumentation. For localization of the covalently
bound FAD, the same instruments were used as for protein identification. To this end, a total of 30 �g
of KaPOx was S-alkylated with iodoacetamide and further digested with sequencing-grade chymotrypsin
(Roche). The peptide mixture was analyzed using a Dionex Ultimate 3000 system directly linked to a
quadrupole time of flight (Q-TOF) MS instrument (maXis 4G ETD; Bruker) equipped with the standard ESI
source in the positive ion, data-dependent acquisition (DDA) mode (�switching to MS/MS mode for
eluting peaks). MS scans were recorded (range, 150 to 2,200 m/z; spectrum rate, 1.0 Hz) and the six
highest peaks were selected for fragmentation (collision-induced dissociation [CID] mode). Instrument
calibration was performed using ESI calibration mixture (Agilent). For separation of the peptides, a
Thermo BioBasic C18 separation column (5-�m particle size, 150 by 0.320 mm) was used. A gradient from
97% solvent A and 3% solvent B (solvent A, 65 mM ammonium formate buffer, pH 3.0 [formic acid
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supplied by Carl Roth; ammonia supplied by VWR BDH Prolabo]; solvent B, 80% acetonitrile [ACN; VWR
BDH Prolabo] and 20% solvent A) to 40% solvent B in 45 min was applied, followed by a 15-min gradient
from 40% solvent B to 95% solvent B at a flow rate of 6 �l min�1 at 32°C. DataAnalysis 4.0 (Bruker) was
used for peptide evaluation.

Confirmation of C-2 glucose oxidation with HPLC. Twenty-milliliter enzymatic conversion mixes
were prepared, containing 20 nM purified KaPOx (0.4 U), 20,000 U of washed Corynebacterium glutami-
cum catalase (Sigma) and 25 mM D-glucose, in 50 mM PPB (pH 7.5). Reaction mixtures were incubated at
30°C with 200 rpm shaking for 20 h; ambient oxygen served as the electron acceptor. Samples were
drawn after 0, 20, 60, 180, 500, and 1,200 min, inactivated at 80°C for 20 min, and filtered through a
10-kDa spin filter prior to chromatographic analysis. 25 mM standards of D-glucose and 2-keto-D-glucose
(both from Sigma) were used as analysis standards. High-performance liquid chromatography (HPLC) was
carried out on a Dionex DX-500 system (Thermo Fisher) equipped with an Aminex HPX-87K column and
an RI-101 refractive index detector (Shodex). Isocratic separations were run with hq-H2O at 0.5 ml min�1

(80°C) and data were processed with Chromeleon 6.5 software.
Determination of kinetic constants. Assessments of the catalytic properties of the KaPOx were

commonly carried out as 300-�l colorimetric reactions in the 96 well-plate format. Britton-Robinson
buffer (63) (50 mM, pH 7.5) was the standard buffer system in all measurements unless stated otherwise.
Kinetic slopes were recorded at 30°C for 1,200 s using an EnSpire multimode plate reader (PerkinElmer),
with measurements being performed as triplicates.

We used the established peroxidase-coupled ABTS assay (64, 65) to determine the steady-state
catalytic parameters of the KaPOx enzyme regarding its electron-donating substrates. Assay mixes
contained 0.1 �M purified KaPOx, 1.0 mM ABTS (�420 � 36.0 mM�1 cm�1; Amresco), horseradish perox-
idase at 7.0 U ml�1 (181 U mg�1; Sigma) and 0.1 to 512 mM the respective electron donors. O2 at ambient
concentrations (approximately 250 �M) served as the electron acceptor.

Kinetic parameters were assessed for the electron acceptors 1,4-benzoquinone (1,4-BQ), 2,6-
dichloroindophenol (DCIP), the ferrocenium ion, and the cationic ABTS radical with reported wavelengths
and extinction coefficients (61). Enzymatic manganese(III) reduction was carried out using 50 mM sodium
malonate buffer (pH 5.5) and Mn(III) acetate to facilitate formation of a stable Mn(III)-malonate complex.
Reduction of the complexed Mn(III) cation (d270 � 0.0116 mM�1 cm�1) was tracked at 270 nm (66) and
reactions were run at 18°C to minimize autolytic dissociation. Colorimetric assay mixes contained 30 mM
D-glucose, 0.5 �M purified KaPOx, and a 0.001 to 4 mM concentration of the respective electron acceptor
and were buffered at pH 7.5 unless stated otherwise. To minimize the interference with ambient oxygen,
all solutions used in the electron acceptor kinetic experiments were bubbled with nitrogen before use.
Apparent kinetic constants were estimated by nonlinear least-square regression fitting using the
Microsoft Excel Solver plugin. Catalytic turnover rates are stated with respect to the dimeric form of
KaPOx of approximately 122 kDa.

pH-dependent enzyme activities for DCIP, 1,4-BQ, and O2 (ABTS assay) were carried out under the
aforementioned conditions and concentrations using 50 mM Britton-Robinson buffer at a pH range
between 4.0 and 9.5, with increments of 0.5 unit.

We assessed the temperature-dependent inactivation of the KaPOx enzyme with respect to time and
temperature. Buffered enzyme aliquots were incubated at 30, 36, 39, 45, 50, 56, 60, and 65°C in a C1000
thermocycler (Bio-Rad) for 20 min to evaluate temperature dependency. In contrast, a single buffered
KaPOx sample was incubated at constant 50°C, and aliquots were drawn after 1, 2, 4, 8, 15, 20, 30, and
60 min to determine the influence of incubation times (at constant temperature) on thermal inactivation.
Before measurement with the standard peroxidase/ABTS assay, samples were diluted to yield concen-
trations of 0.1 �M KaPOx in the assay mix.

Oxygen as the electron acceptor. The determination of apparent Michaelis-Menten parameters was
realized using the luminescent oxygen microsensor Microx TX3 (PreSens), as has been described
previously (67). In this way, the gradual consumption of O2 from the sealed reaction vial was detected.
Dissolved oxygen concentrations were tracked by the sensor for 10 min (30°C) in the stirred reaction mix,
which contained 1.0 �M purified KaPOx. Initial substrate concentrations were 100 mM and 0.850 mM for
D-glucose and O2, respectively. The obtained oxygen consumption curves were fitted to the Runge-Kutta
integration of the Michaelis-Menten equation by minimizing least-mean square errors as described
previously (68).

Quinone-hydroquinone redox cycling with manganese peroxidase. Redox-recycling assays were
carried out in 50 mM tartrate buffer (pH 5.5) and contained 0.5 mM MnCl2, 30 mM D-glucose, and 0.1 �M
Nematoloma frowardii manganese peroxidase (MnP; Sigma), alongside 10 mM 2,6-dimethoxyphenol
(DMP), 10 mM guaiacol, 0.2 mM acetosyringone, or 0.4 mM sinapic acid. Peroxidase-mediated oxidation
of phenols was started by adding 0.1 mM H2O2, and reactions were run for 180 s before 1.0 �M KaPOx
was added. In contrast, the 1,4-BQ (1 mM) reaction was started with 0.5 �M KaPOx before 1 �M MnP was
added. Absorbance was tracked at 470 nm, 465 nm, 300 nm, 510 nm, and 290 nm, as was reported in the
literature (12, 69, 70). All reactions were performed at 30°C with buffers and solutions exposed to
ambient oxygen.
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SUPPLEMENTAL INFORMATION 1	

Supplemental figures 2	

Figure S1.  3	

4	

Phylogenetic indications for a horizontal gene transfer of POx. 5	

(Left) Phylogenetic tree of characterized fungal GMC_AA3 family enzyme sequences: 6	

pyranose oxidase (POx), cellobiose dehydrogenase (CDH), pyranose dehydrogenase 7	

(PDH), aryl-alcohol oxidase (AAO), glucose oxidase (GOx), glucose dehydrogenase 8	

(GDH), alcohol oxidase (AOx) and bacterial choline dehydrogenase (ChDH). (Right) 9	

Phylogenetic tree of the same collection of sequences with most similar bacterial 10	

sequences from BLAST search added. 	 	11	



	

2	

Figure S2.  12	

 13	
TR|Q7ZA32|TOPOX                MSTSSSDPFFNFAKSSFRSAAAQKASASSLPPLPGPDKKVPGMDIKYDVVIVGSGPIGCT 60 14	
TR|A0A1E7NAU4|KAPOX            -----------------------------------------MITRYTDTLVVGSGPVGAT 19 15	
                                                                         :    *.::*****:*.* 16	
 17	
TR|Q7ZA32|TOPOX                YARELVGAGYKVAMFDIGEIDSGLKIGAHKKNTVEYQKNIDKFVNVIQGQLMSVSVPVNT 120 18	
TR|A0A1E7NAU4|KAPOX            FARTLVESGREVLMVDAGAQL-SPRPGEHLKNAYIYQHNTNLFASIIRGHLHLLSVPTSA 78 19	
                               :** ** :* :* *.* *    . : * * **:  **:* : *..:*:*:*  :***..: 20	
 21	
TR|Q7ZA32|TOPOX                LVVDTLSP---TSWQASTFFVRNGSNPEQDPLRNLSGQAVTRVVGGMSTHWTCATPRFDR 177 22	
TR|A0A1E7NAU4|KAPOX            RAELAVDPAAMAELGSNRSSARNAENPDQDPYRNLSAAAACYAVGGMGTHWTGATPRHHP 138 23	
                                .  ::.*   :.  :.   .**..**:*** ****. *.  .****.**** ****..  24	
 25	
TR|Q7ZA32|TOPOX                EQRPLLVKDDADADDAEWDRLYTKAESYFQTGTDQFKESIRHNLVLNKLTEEYKGQR--- 234 26	
TR|A0A1E7NAU4|KAPOX            ----VL-ERYDGISDQEWDGLYGEAERLLRVSAREFDFSIRQHLVTEALRREFSELPDGY 193 27	
                                   :* :   . .* *** ** :**  ::..: :*. ***::** : * .*:.       28	
 29	
TR|Q7ZA32|TOPOX                DFQQIPLAAT--RRSPTFVEWSSANTVFDLQNRPNTDAPEERFNLFPAVACERVVRNALN 292 30	
TR|A0A1E7NAU4|KAPOX            QVQSLPLAARRRRDNPRMVHWTGVDTVLGDL-----ADGHPLFSLLPQHLCTRLVLDRDG 248 31	
                               :.*.:****   * .* :*.*:..:**:.          .  *.*:*   * *:* :  . 32	
 33	
TR|Q7ZA32|TOPOX                SEIESLHIHDLISGDRFEIKADVYVLTAGAVHNTQLLVNSGFGQLGRPNPANPPELLPSL 352 34	
TR|A0A1E7NAU4|KAPOX            TRIAYAEVRDLNRSETVRVVADNYVVAAGAVLAPQLLHASGIRP-------------AAL 295 35	
                               :.*   .::**  .: ..: ** **::****   ***  **:                :* 36	
 37	
TR|Q7ZA32|TOPOX                GSYITEQSLVFCQTVMSTELIDSVKSDMTIRGTPGELTYSVTYTPGASTNKHPDWWNEKV 412 38	
TR|A0A1E7NAU4|KAPOX            GRYLTEHPMAFCQVILLKDLVEQARTDQRFGG--------------------------QV 329 39	
                               * *:**: :.***.:: .:*::..::*  : *                          :* 40	
 41	
TR|Q7ZA32|TOPOX                KNHMMQHQEDPLPIPFEDPEPQVTTLFQPSHPWHTQIHRDAFSYGAVQQSIDSRLIVDWR 472 42	
TR|A0A1E7NAU4|KAPOX            ARHTTLFPDDDLPIPVDDPEPNVWIPVSEGRPWHAQITRDAFHYGDVPPHVDGRLIVDLR 389 43	
                                .*   . :* ****.:****:*   .. .:***:** **** ** *   :*.***** * 44	
 45	
TR|Q7ZA32|TOPOX                FFGRTEPKEENKLWFSDKITDAYNMPQPTFDFRFPAGRTSKEAEDMMTDMCVMSAKIGGF 532 46	
TR|A0A1E7NAU4|KAPOX            WFGIVEPRPDNRVTFSDTRTDVMGMPQPTFEYALSPQDAE-RQHAMMAEMMRAATALGGF 448 47	
                               :** .**: :*:: ***. **. .******:: :    :. . . **::*   :: :*** 48	
 49	
TR|Q7ZA32|TOPOX                LPGSLPQFMEPGLVLHLGGTHRMGFDEKEDNCCVNTDSRVFGFKNLFLGGCGNIPTAYGA 592 50	
TR|A0A1E7NAU4|KAPOX            LPGSEPRFTAPGLPLHIAGTIRMGDDPQ--SSVVDTDSRVWGLENLYLGGNGVIPTGTAC 506 51	
                               **** *:*  *** **:.** *** * :  .. *:*****:*::**:*** * ***. .. 52	
 53	
TR|Q7ZA32|TOPOX                NPTLTAMSLAIKSCEYIKQNFTPSPFTSEAQ-------- 623 54	
TR|A0A1E7NAU4|KAPOX            NPTLTSVAMALKAAHHLAGSREARERRRTGADEVLAVRS 545 55	
                               *****::::*:*:..::  .         .     56	
	57	

Clustal Omega sequence alignment of bacterial KaPOx to fungal ToPOx. The 623 58	

amino acid long sequence of T. ochracea POx (TOPOX, top) was aligned to the 545 59	

amino acid long sequence of K. aureofaciens POx (KAPOX, bottom) using the UniProtKB 60	

alignment tool (Clustal Omega). Identical residues at aligned positions are indicated with 61	

an asterisk (*).  62	

	 	63	
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Figure S3. 64	

	65	

	66	

	 	67	

SignalP, TatP prediction of N-terminal signal peptide cleavage sites in KaPOx and 68	

ToPOx. The figure summarizes SignalP 4.1 signal peptide predictions from analyses of 69	

POx sequences: (A) ToPOx and (B) KaPOx with eukaryotic prediction; (C) ToPOx and 70	

(D) KaPOx with Gram-positive bacterial prediction. The TatP 1.0 online prediction tool 71	

A B 

C D 

E F 



	

4	

analyzed the first 70 residues of (E) ToPOx and (F) KaPOx to predict twin-arginine signal 72	

peptide cleavage sites.  73	

  74	
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Figure S4.  75	

	76	

Alignment sketch and structural overlap of ToPOx and the KaPOx homology 77	

model. The alignment sketch (top) displays the difference of sequence length and gaps 78	

in the alignment of ToPOx and KaPOx. Deviations between the calculated KaPOx model 79	

and the ToPOx crystal structure (PDB 1TT0) are highlighted in red for both structures. 80	

The active-site FAD is displayed with a yellow sphere model. (1) An insertion in the 81	

KaPOx sequence with respect to ToPOx translates into a short alpha-helix in the model. 82	



	

6	

(2) Two gapped stretches in the KaPOx sequence translate to a shortened-surface 83	

exposed loop compared to ToPOx. (3) Another gap in the KaPOx sequence leaves a 84	

truncated head domain in the homology model.   85	
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Figure S5.  86	

 87	

SDS-PAGE and native PAGE of KaPOx purification samples. (A) SDS-PAGE of IMAC 88	

purification fractions. (CE) Crude extract, (FT) flow through, (M) mass standard, (F3-F8) 89	

elution fractions, (D) dialyzed pool of fractions F6, F7, F8. (B) PAGE under non-90	

denaturing conditions. Here, (P) represents pooled sample, (D) represents pooled and 91	

dialyzed (aggregated) sample. The numbers represent the molecular mass of the 92	

respective standard bands in kDa. 93	

	 	94	
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Figure S6.  95	

	96	

LC-ESI-MS analysis of covalent FAD attachment. Mass spectrometry resolved two 97	

different peptide masses for the 121AVGGMGTHW129 fragment after chymotryptic 98	

digest of purified KaPOx sample. The FAD modified peptide (black) was identified by its 99	

accurate theoretical mass and specific MS2 fragmentation profile (not shown). 100	

Additionally, a small fraction of the unmodified fragment was detected too (dashed). 101	

	 	102	
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Figure S7.  103	

	104	

Confirmation of C2-Glucose oxidation via HPLC. Batch conversion experiments were 105	

analyzed with HPLC. D-Glucose peaks elute after a retention time of approximately 13 106	

minutes (G), the formed C2-oxidized 2-Keto-D-glucose (K) after 15 minutes. 2-Keto-D-107	

glucose is absent right at the reaction start (t=0) but accumulates in the reaction mix with 108	

proceeding reaction time.   109	
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Figure S8.  110	
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	116	

	117	

KaPOx dehydrogenase activity of reducing complexed Mn(III). A 5.0 µM solution of 118	

KaPOx was incubated with 1.0 mM Mn(III) acetate, varying concentrations of D-glucose 119	

and 50 mM, 50 U catalase in sodium malonate buffer pH 5.5 at 18 °C. The Mn(III) 120	

malonate complexation was allowed to equilibrate for 30 min before use. Absorbance 121	

spectra were recorded (230 – 800nm) before and 20, 40 minutes into the reaction. The 122	

absorbance change at 270 nm with proceeding reaction time is observable as an insert, 123	
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with slope and intercept of data fitting indicated. (A) Instead of KaPOx, 5.0 µM A. niger 124	

glucose oxidase (Sigma) was present. (B, C. D) Concentrations of 30, 15, 8 mM D-125	

glucose (in Buffer) were added to start the reaction, respectively. (E) Instead of D-126	

glucose, buffer was added. (F) No KaPOx was present, 8 mM D-glucose were added.  127	

	 	128	
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Figure S9.  129	

130	

	131	

The effect of pH on the activity of KaPOx. Specific activities at different pHs were 132	

determined for different electron acceptors. Each value represents the average value ± 133	

standard deviation of technical triplicates. (A) 0.5 mM 1,4-benzoquinone (1,4-BQ) was 134	

used in the colorimetric assay. Reactions at pH 9.0 and 9.5 (×) were fast initially but could 135	
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not be maintained longer than 150 seconds. (B) 0.3 mM dichloroindophenol (DCIP) were 136	

used as electron acceptor. (C) Oxygen reduction was assayed with H2O2 production in 137	

the standard ABTS assay. 138	

		 	139	
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Figure	S10.	140	

	141	
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	143	

Additional redox cycling reactions of substituted phenols between KaPOx and 144	

MnP. Photometric assays display oxidation reactions of various substituted phenols. 145	

Assay mixtures contained manganese peroxidase (MnP), D-Glucose and the respective 146	

electron acceptor: (A) guaiacol, (B) acetosyringone (SyOH) and (C) sinapic acid (SinA). 147	

Reactions were started by the addition of H2O2. At approximately 4 minutes into the 148	

reaction KaPOx was added. Dashed line (---): no D-glucose was present. Dotted line (···): 149	

no H2O2 was added.  150	
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Chapter 3 – Introducing Enzyme Engineering 
 

With the advent of recombinant DNA technologies in the early 1970s (Jackson, Symons, and Berg 

1972; Mertz and Davis 1972; Cohen et al. 1973), dawn broke for the first design of proteins that 

was not governed by nature’s dogma of evolution but rather by rational considerations of 

scientists. These milestones en route to the establishment of modern biotechnology were honored 

with the Nobel prize on two occasions (1978 and 1980) and paved the way for the technologies 

that transformed a multihued palette of industries: from the chemical industry, to biotechnology, 

the food and beverage industry, pharmaceutical industry, and many others. It has been estimated 

in 2015, that the global market for protein engineering as a service, not-including the products that 

go hand-in-hand with it, is valued at 168 billion dollars and projected to grow tremendously in the 

years coming (Liszewski 2015).  

 

Enzymes endowed with the ability to operate at mild conditions and an unprecedented enantio- 

and regioselectivity frequently present themselves as assets to replace small molecules as catalysts 

in conventional processes. The urge to open up new resources for novel enzyme-supported 

processes and to meet the constant demand for adapting biocatalysts to match the needs of 

industrial applications prompted a variety of enzyme engineering techniques (Renata, Wang, and 

Arnold 2015).  

  

A) Enzyme engineering  

The adaptation of enzymatic function can be desirable on many occasions but is generally aimed 

at improving an enzymes stability or activity. Still, alterations in the protein sequence can also be 

dedicated for gaining an improved understanding of certain structural features or catalytic 

residues. For example, it is quite common to target basic amino acids in the active site of 

oxidoreductases to clarify their involvement in catalysis. If a loss of activity can be observed upon 

change to a different amino acid, the case is often clear (Rotsaert, Renganathan, and Gold 2003; 

Tsai et al. 2007). 
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Dependent on the degree of knowledge that is involved in engineering campaigns, one generally 

categorized approaches into: 

 

Rational design: if a distinct set of substitutions or alterations has been proposed prior to 

engineering. Hence, detailed knowledge on the protein’s structure and function is vital and needs 

to be available. This can be the case when the comparison of sequences of enzyme homologues 

identified a certain position that is not conserved in both homologues but can be attributed to a 

certain function in just one of them. Commonly, these sequence features are transferrable if 

template and target are similar enough (Felice et al. 2020). Aided by modern day computational 

methods, also the de-novo design of enzymatic functions – a design from scratch – is possible and 

represents as special case of rational design. Generally, the support from algorithms and machine 

learning in rational design campaigns boosted its success tremendously over the last decade.  In 

the case of oxidoreductases for example, ambitious de-novo design projects involve small scaffolds 

that harbor metal cofactors as catalytic subunits. The introduction of certain amino acids in the 

surrounding of the cofactor then allows to establish substrate specificities or catalytic modes and 

is commonly supported by computational methods, as work pioneered by Donald Hilvert and 

colleagues highlights (Jiang et al. 2008; Siegel et al. 2010; Weitzner et al. 2019).  

 

Seldomly, a detailed understanding of the enzyme´s response to specific amino acid substitutions 

is attainable or can be predicted. More often, a likely position for interaction with a substrate or 

point for stabilization is projected but multiple options for replacement arise as reasonable. In an 

approach commonly referred to as “semi-rational” design this challenge is tackled. There, a small 

set of specific positions to be changed are selected based on profound understanding of the 

enzymes structure and function. These positions are then subject to mutation with either all 

possible substitutions or a biased set of mutations contained within a then “smart” library. This 

approach is often referred to as “focused mutagenesis”. This helps minimizing the library size to a 

reasonable number and increases the chance to yield a positive outcome even if the enzyme is 

not fully understood (Chica, Doucet, and Pelletier 2005). One needs to keep in mind that, for 

every position, the theoretical library size increases by a factor of 20 and soon libraries grow from 
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the hundreds (2 pos., 400) into the thousands (4 pos., 16 000) and reach sizes that cannot be 

dealt with manually.  

A different engineering technique harnesses the evolutionary principle of mutation and selection 

and is ideally employed if structural and functional information of the enzyme of interest is scarce: 

Directed Evolution.  

B) Directed Evolution 

The British naturalist Charles Darwin postulated his theorem “on the origin of species …” in 1859 

and constituted that the adaptation of species to their environment is sourced in genetic variation 

and driven by the process of natural selection (Darwin 1859). This scheme of phenotypic variation, 

differential fitness and heritability represent the foundation of evolutionary biology and equally 

applies to all biological entities, from species to proteins.   

 

 

Figure 12 Directed Evolution schematic. The iterative process involves sequence diversification, selection or 

screening and replication (a). Repeated cycles of improvement can direct the enzyme functionality towards the 

desired properties but can be misdirected into dead ends (b). Figure by courtesy of Packer and Liu (Packer and Liu 

2015)  

 

Directed evolution mimics this biological algorithm in a laboratory setting and directs the 

adaptation of proteins towards externally imposed conditions, stressing their fitness.  Parallel to 

natural evolution, this approach usually is an iterative practice that involves subsequent rounds of 

sequence diversification (or mutagenesis), exposition to selective pressure (selection, screening) 

and amplification (replication) of desired adaptations to it (Kuchner and Arnold 1997; K. Chen and 

Arnold 1991) as is highlighted in Figure 12-a.  
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The first visions of utilizing natural evolution for the redesign of an enzyme and its substrate were 

described by Spiegelman and colleagues for a bacteriophage RNA polymerase and its coding RNA 

template in 1967 (Mills, Peterson, and Spiegelman 1967). Half a century later, in 2018, the work 

on the development of enzymes by directed evolution was honored by the Royal Swedish Academy 

of Sciences awarding the Nobel Prize to Frances H Arnold for her pioneering work and substantial 

contributions to its advancement (Arnold, Smith, and Winter 2018; Arnold 2019).  

 

During directed evolution campaigns, beneficial mutations that are identified after the screening 

and selection stage can serve as a new template and can be incorporated into libraries for ensuing 

rounds. It is often the case that multiple options arise when identifying the first improved variants 

and directed evolution can take different paths from there. The goal of directed evolution studies 

is to reach the anticipated peak in the fitness landscape by combining beneficial mutations over 

many generations on the way. Ultimately, early selections determine the route through the 

sequence space and every decision concomitantly limits the remaining degrees of freedom which 

can lead to dead-ends on the way to reaching maximal improvement as seen in Figure 12-b (Packer 

and Liu 2015). This phenomenon can be countered with an engineering approach called “neutral 

drift”. This tactic is based on the observation that improvement of enzymatic function, activity for 

instance, is commonly accompanied by a deleterious effect in a trade-off of functionality 

otherwise, stability potentially. Thus, detrimental impact on the enzyme accumulates in parallel to 

the desired gain in functionality and the final product is usually improved in one regard but not 

sufficiently fit anymore. Neutral drift libraries can be prepared as an optimized starting point for 

directed evolution or in between evolution rounds. These libraries are commonly prepared by 

random mutational methods and usually constitute substitutions to enhance protein solubility, 

stability or just increase sequence diversity whilst maintaining the original function. They thus 

support improvements in other regards and are also understood as a means to increasing the 

potential for additional changes, preventing dead-ends in directed evolution campaigns (Gupta 

and Tawfik 2008). 
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Enzyme engineering based on directed evolution allows circumventing the fundamental challenge 

of rationally devising enzymatic functionality. The prediction of an enzyme’s catalytic capability 

from scratch is generally constrained by the inability to anticipate its protein structure and 

functionality from the protein sequence alone (Arnold 1997). Directed evolution has emerged as 

maybe the most versatile tool to create enzyme variants that are adjusted to non-native conditions 

or are equipped with an expanded catalytic repertoire. 

 

11. Generation of genetic diversity 

The generation of genetic diversity for the creation of mutational libraries is always tightly 

interconnected to statistical considerations, balancing theoretical and practical possibility. This 

adversity was nicely highlighted by Packer and Liu:  

“It is impossible to cover the entire mutational space of a typical protein: complete randomization 

of a mere decapeptide would yield in 1013 unique combinations of amino acids, which exceeds the 

achievable library size of almost all known protein library creation methods.” (Packer and Liu 2015)  

 

Since full systematic coverage of all substitutions is unfeasible, library creation methods focus on 

preparing screenable libraries of optimal composition or simply accept an underrepresented 

screening, just sampling limited fractions of the theoretical sequence space. Oftentimes, 

knowledge can feed into the diversification if for example the physicochemical properties of amino 

acid substitutions are limited to residues of a rather hydrophilic (core) or hydrophobic (surface) 

kind, or certain substitutions need to be avoided at all. Still, a higher degree of sophistication during 

library design often comes at the expense of practicability and is tightly connected to an 

established structure-function relationship.  

 

Random mutagenesis 

The non-rational creation of genetic diversity by these methods functions in the absence of 

structural information and can lead to the creation of gigantic libraries, following usually 

uncomplicated and quick protocols. It is also possible to combine these approaches with (semi-) 

rational design if relevant insights into the protein structure should be available. Commonly, 

directed evolution campaigns can ensue rational design if in the initial stage desirable variants were  
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identified but additional sequence space wants to be explored (Scheiblbrandner et al. 2017). Vice 

versa, a detailed look into the enzyme structure or the prediction of sequence hot spots by 

computational methods (molecular modeling and simulation, phylogenetic calculation and 

ancestral sequence reconstruction) can present a suitable starting point for directed evolution 

campaigns (Mateljak et al. 2019; Sun et al. 2019; Furukawa et al. 2020). 

 

Historically, random mutagenesis methods relied on chemical methods to introduce alterations at 

random positions in the genes of interest. Prominent methodologies employ nucleotide analogues 

(Freese 1959), alkylating and deaminating reagents (Myers, Lerman, and Maniatis 1985; Lai et al. 

2004) or UV irradiation (Bridges and Woodgate 1985) but were utilized more seldomly in the recent 

past given their biased substitutions patterns and lack of control. Another alternative for the 

introduction of genetic variation in a random manner is the utilization of mutator strains. Certain 

E. coli strains were developed that employ a compromised DNA replication and repair machinery. 

This allowed to increase error rates to 10-6 or more and could be used for plasmids containing the 

gene of interest (Cox 1976; Greener, Callahan, and Jerpseth 1997). With the advent of in vitro 

random mutagenesis approaches utilizing purified non-proof-reading polymerases, the mutator 

strain technology became less popular as it was recognized that concomitantly to introducing 

errors in the gene of interest, the host genome was similarly affected, and unsurmountable 

challenges arose from an increased genetic instability of the bacterial strains. These problems were 

later circumvented when the technology was transferred to S. cerevisiae, where a non-native 

polymerase and plasmid tandem from the closely related yeast K. lactis could be artificially 

introduced to establish an orthogonal mutagenesis system which was locally isolated. This allowed 

to concentrate elevated error rates to the gene of interest harbored on the K. lactis plasmid 

(cytosolic) and keep the genome of the eukaryotic host (nucleus) unaffected (Ravikumar, Arrieta, 

and Liu 2014).  

 

As mentioned, in vitro methods experienced a boost with the rise of the directed evolution as a 

protein engineering strategy as they facilitated tunable mutation under controlled conditions and 

restriction to single genes, gene segments or even single positions. Some of the most prominent 

techniques will be explained in the following: 
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• Error prone PCR (epPCR). The DNA replication capabilities of DNA polymerases can be 

exploited to introduce transitions (A > G, T > C) or transversion (A > C, T > G) at random 

positions into the genetic code during PCR reactions (Leung, Chen, and Goeddel 1989; Cadwell 

and Joyce 1992). For this purpose (engineered) non-proofreading polymerases, based on the 

prominent enzyme from Thermus aquaticus “Taq”, are used which are characterized by 

increased error rates (Chien, Edgar, and Trela 1976; Eckert and Kunkel 1990). These 

polymerases can by utilized under sub-optimal conditions (elevated manganese 

concentrations, nucleotide analogues) to further decrease replication fidelity, reaching 

mutation rates close to 1 in 1000. Commercial kits are available that employ these dedicated 

polymerases or even a combination of multiple ones to balance the enzymes preference for 

either transitions or transversions and hence allow to yield an unbiased mutational spectrum, 

where the error rate can be tuned with the amount of DNA template and number of PCR cycle.  

 

• Recombinatorial methods. A set of methodologies is available that rely on the fragmentation 

of homologous genes and their subsequent randomized recombination. This can be utilized to 

shuffle and rearrange previously identified beneficial mutations or homologous wild-type 

genes with varying features (Crameri et al. 1998). This concept was first published by Stemmer 

and colleagues who digested gene variants with DNAse I and reassembled them in an ensuing 

PCR reaction, employing the truncated DNA for priming (Stemmer 1994). It was reported that 

DNAase concentration and incubation times provide means to control the degree of division, 

fragment sizes and crossover frequencies and thus allow tune variation. The group around 

Stemmer coined the term “gene shuffling” for this king of approach but adaptations to this 

procedure soon arose that incorporated different strategies – chemical and enzymatic, 

homologous and non-homologous - to digest and ligate DNA and control the degree of 

diversification: ITCHY (Ostermeier, Shim, and Benkovic 1999), RACHITT (Coco et al. 2001) , NRR 

(Bittker et al. 2004) and NExT (Müller et al. 2005) to name only a few. A special case of 

recombination is described as staggered extension PCR or “StEP”, where a heat denaturation 

step abruptly halts the polymerization reaction and creates truncated genes. These fragments 

reallocate between the templates at high temperatures and later randomly align in the 
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subsequent annealing step before being ligated into complete genes by the PCR reaction (Zhao 

et al. 1998) 

  

 

 
 

 

Figure 13 Sequence diversification by DNA recombination. DNA shuffling (a): Homologous genes are digested with 

DNAse at random positions which creates truncated fragments of varying size. In a PCR step ensuing the 

fragmentation, these pieces anneal on a template and prime the PCR reaction in which they are ligated. Staggered 

extension PCR (b): The PCR extension step is repeatedly stopped by a denaturation step at elevated temperatures 

producing staggered gene fragments of different size. During denaturation, the fragments reallocate randomly onto 

the template and are seamed to create gene variants with multiple cross-overs. Assembly PCR or synthetic shuffling 

(c): Synthetic oligonucleotide primers are designed to overlap and create full-length genes in random PCR 
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recombination reactions. Incremental truncation for the creation of hybrid enzymes “ITCHY” (d): Depends on exo-

nuclease activity to digest the gene templates from the termini. These fragments are then randomly interconnected 

by the activity of blunt-end ligases creating just single cross-over hybrids with varying composition of the parental 

gene variants. Figure by courtesy of Packer and Liu (Packer and Liu 2015). 

 
Focused mutagenesis 

At the beginning of 2021, more than 150 000 protein structure entries were available on the PDB 

database (https://www.rcsb.org/stats/growth/growth-released-structures) with annual release 

numbers on the rise again for the first time since 2016. These vast numbers highlight that structural 

information can be aplenty for certain classes of proteins and allows to implicate certain positions 

to biochemical properties of the enzyme. If that is the case, engineering can follow a straight-

forward route, especially if it is backed by conclusions from previous rounds of directed evolution 

or computational considerations on the sequence space, stemming from molecular modeling and 

simulations (Herman and Tawfik 2007; Cherny et al. 2013) or phylogenetic calculations (Lehmann 

et al. 2000; F. Chen et al. 2010). In that regard, focused mutagenesis allows to tune the degree of 

randomness and pinpoint it to a limited number of residues at the projected structural part. 

Research from Prof. Schwaneberg and his group from the last decade outlined how directed 

evolution (utilizing a randomized mutagenesis approach) and focused mutagenesis can 

synergistically act together and be employed in a stepwise engineering campaign, where the 

gained knowledge from each step is channeled into holistic considerations in an approach referred 

to as “KnowVolution”(Cheng, Zhu, and Schwaneberg 2015; Novoa et al. 2019; Islam et al. 2018) .  

• The use of degenerate codons undoubtedly represents one of the most prominent and 

simple ways to introduce sequence variation to a certain target position of generally 1-2 

amino acids. For this, synthetic oligonucleotide mixtures can be designed to code a desired 

amino acid substitution (site directed) or the complete set of 20 possible ones (site 

saturation).  Many protocols exist that assemble these oligos into the gene libraries and 

usually depend on PCR reaction, restriction site digest and traditional ligation (Nour-Eldin, 

Geu-Flores, and Halkier 2010) or contemporary homology-based enzymatic DNA ligation 

(Gibson et al. 2009). With the smart design of oligos, strategies were developed that provide 

a more even representation of codons (Tang et al. 2012) biasing site saturation towards 

certain sets of amino acids while excluding others (Lorimer et al. 2009) or in the case of 
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“parsimonious mutagenesis” adjusting the probability between substation and no 

substitution (Balint and Larrick 1993).  

• The last years have seen an extraordinary drop in DNA synthesis costs that was supported by 

silicon chip technology, miniaturization, and automatization. Commercial suppliers 

nowadays offer DNA synthesis from oligos to entire genomes with unprecedented fidelity 

and progressively lower costs, starting at 0.07 $ per base pair. These recent advancements 

allow to also incorporate library design directly into the manufacturing process and deliver 

focused mutagenesis libraries with a desired degree of sequence variation, harboring site-

directed and saturated positions, as well as combinations of both, ready for cloning into labs.  

 

 

12. A shift in the engineering paradigm 

In enzyme engineering, we strife to discover a specific variant of the enzyme’s amino acid sequence 

that entails a desired improvement to the protein function. This process, as will be described later 

in this chapter, is an either highly sophisticated and delicate or simple yet arduously process of 

finding the needle in the haystack. Ultimately, the number of variants that can practically be 

evaluated is only a tiny fraction of the astronomical number of theoretically possible variations of 

the protein sequence and can only ineffectively be accessed by contemporary methods. Still, these 

obstacles are often accepted since the only alternative lies within designing protein structure and 

predicting the functionality from scratch which commonly represents an even bigger challenge 

(Baek et al. 2021). With the advent of self-improving algorithms in machine learning, many believe 

that one of the dogmas of protein chemistry, namely the prediction of structure (and function) 

from sequence is at the brink of being broken. As of today, the number of known sequences lies 

within the billions and is opposed by roughly 100 000 structurally resolved unique proteins 

(www.rcsb.org). The possibility to streamline the process of structure determination utilizing 

accurate computational methods could for the first time unveil this abundance in biological 

information and close the knowledge gap between protein sequence and function. This would 

undoubtedly have colossal impact on biotechnology and life sciences (Jumper et al. 2021).   
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The Critical Assessment of Structural Prediction (CASP) is a biannual contest for protein 

bioinformaticians in which a set of previously resolved but unpublished protein sequences are 

subject to structural prediction by bioinformatic algorithms.  At its 14th repetition, 

Alphabet/Google’s AlphaFold2 outscored the competition and its models resembled the actual 

structures with just minor deviations in most cases (36 % of models RMSF < 2 Å, 86 % of models 

RMSF < 5 Å). These predictions do not rely on homologous sequences being structurally elucidated 

and still come close to classical structure determination methods such as X-ray crystallography but 

allow to cut the time frame to just several days (Oxford Protein Informatics Group 2021).  

 

Figure 14 Examples of predicted structures from RoseTTAFold. Structurally resolved proteins and protein complexes 

E. coli (left) versus calculated RoseTTAFold models (right). TM-score values indicate the goodness of the fit and 

degree of structural similarity. A score of > 90 is regarded as accurate prediction. 
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In essence, the underlying principle for the success of AlphaFold2 or is sourced in a novel machine 

learning (ML) approach that integrates the general biophysical constraints of atomic interactions 

as well as multiple sequence alignment data. To simplify, modern ML algorithms automatize the 

identification of patterns in structural and sequence data to predict protein structures and forecast 

sequence alterations to improve protein properties. These programs learn from reiterating and 

refining their code and comparing the calculated models to available data, resolved protein 

structures for example (Mazurenko, Prokop, and Damborsky 2019). By running billions of these 

prepare-and-compare cycles they self-implement improvements to their code that are not 

necessarily guided by rational considerations but ultimately lead to improved predictive power and 

model quality. As was shown, it can help to guide this process by feeding biochemical constraints 

into this self-evolving algorithm and thus direct the development towards a more realistic and 

natural state, which is made possible by the neural network design of deep learning systems like 

Google’s DeepMind or trRosetta (Baek et al. 2021).  

It was hypothesized that the recent breakthroughs in applying deep-learning algorithms for 

biotechnology and structural bioinformatic could play an essential role in enzyme engineering in 

the future.  A comprehensive review on the detailed mechanistic and practical challenges of ML in 

computational enzyme engineering was recently published by Mazurenko and colleagues 

(Mazurenko, Prokop, and Damborsky 2019). ML algorithms have already found success in enzyme 

engineering, predicting activities and substrate specificities (Robinson et al. 2020)  temperature 

dependence (Foroozandeh Shahraki et al. 2021), stability and solubility (Hon et al. 2021)  enzymatic 

mechanisms (De Ferrari and Mitchell 2014) or by designing smart libraries for directed evolution 

(Li, Dong, and Reetz 2019). It is currently foreseen that ML with aid to explore even more difficult 

tasks in the near future and likely advance the field to build a new domain of enzyme engineering 

(Feehan, Montezano, and Slusky 2021; Siedhoff, Schwaneberg, and Davari 2020). Its combination 

with other state-of-the-art technologies, such as next-generation sequencing, high-throughput 

screening, microfluidics could synergistically boost developments, potentially faster than 

expected. Likely, one major hurdle to overcome lies in harmonizing big database entries 

(sequences, structures, functional parameters) to make it more accessible for ML training  

(Mazurenko, Prokop, and Damborsky 2019).  



 CHAPTER 3 – INTRODUCING ENZYME ENGINEERING 

103 

C) Screening 

 

Enzyme engineering can involve random approaches to alter enzymatic functions. In order to 

introduce these alterations on a genetic level, methods like site saturation mutagenesis, 

recombination methods or error-prone PCR are commonly applied to create genetic diversity, as 

was outlined. In practice, so established libraries can easily exceed 107 individuals (Packer and Liu 

2015; Porter, Rusli, and Ollis 2016). This allows to aimlessly cover larger fractions of the sequence 

space but introduces a large fraction of deleterious or neutral variants alongside.  

 

Thus, sequence diversification methods need to be met with elaborate methods to reliably assess 

the fitness of all relevant variants and to successfully isolate the best performers among them, 

while confidently excluding compromised variants. This process is commonly referred to as 

“screening” and its accurate operation is essential to assist directed evolution campaigns (Porter, 

Rusli, and Ollis 2016). As the step of library generation can be quite accelerated and straight-

forward, the stage of screening traditionally involves exhaustive manual handling and can span 

multiple months or rarely years - even if partially assisted by automatization. It is therefore of 

utmost importance that screening rounds are well-designed, maintain the true connection of 

genotype and phenotype, allow to confidently discriminate between desired and undesired 

performance (Fischlechner et al. 2014) whilst providing enough throughput to pace engineering 

(Truppo 2017). Throughput has been in the focus of attention in recent screening developments 

and multiple reports describe the utilization of microfluidic methods (flow cytometry with it) to 

drastically minimize screening times and efforts (Bunzel et al. 2018) with the scope of further 

untying enzyme engineering from methodological restraints. 

 

In any case, the role of screening technology to enable effective enzyme engineering by directed 

evolution should not be underestimated as the infamous dogma and first law of directed evolution 

prevails: “You get what you screen for” (Schmidt-Dannert and Arnold 1999).  

13. Methodology 

Colorimetric screening methods for enzymes rely on the consumption of substrate or the 

formation of primary or secondary reaction products by the enzymes which is accompanied by the 
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concomitant change of color, fluorescence, luminescence, or turbidity either directly or indirectly 

by subsequent processing of the formed reaction products. In the case of oxidoreductases, 

utilization of those surrogate compounds facilitating a color reaction is common, practical, and 

often easily achieved. Still, in certain cases direct quantification of substrate consumption or 

product accumulation is inevitable and can be met with parallelized analysis of enzyme variant 

reactions via nuclear magnetic resonance (NMR), high-performance liquid chromatography (HPLC) 

or mass spectrometry (MS) (Packer and Liu 2015). A prominent example for the application of 

these techniques are reports on the directed evolution of the heme-dependent enzyme 

cytochrome P450 for novel enzymatic function (Coelho et al. 2013; R. K. Zhang et al. 2019) 

One can categorize the methodology underlying enzyme screenings by the way in which isolation 

of the enzymatic reaction is achieved. It is clear that enzymatic reactions of different variants must 

proceed isolated from each other to exclude interfering influence and judge performances 

accordingly. In addition, isolation is needed to maintain the steady connection of an enzyme 

variant and its encoding gene, in order to allow retrieving the sequence of desired clones for a gain 

in knowledge (i.e. genotype-phenotype bond). In the simplest formats, this segregation is 

accomplished by cultivation and screening spatially separated on solid media plates or microtiter 

plates (MTP). But extensive miniaturization discovered the individual cell as a suitable reaction 

compartment and led to the development of entrapment and emulsification techniques that 

isolate enzymatic reactions of a single variant on a single cell in droplets, separated from 

neighboring variants.  

14. Solid phase plates 

The screening of oxidoreductase activity parallel to the cultivation of expressing cells is easily 

achieved when screenings are carried out directly on solid-phase media plates, containing an 

additional indicator for enzyme activity. With this, the stages of cultivation, induction, and 

screening can practically be united into a single location and hence screening regimes simplified. 

Dependent on the expression host, these plates can harbor clone numbers in the thousands and 

process library sizes of 105 in reasonable time frames with just macroscopic observation (Leemhuis, 

Kelly, and Dijkhuizen 2009).  
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A popular and well-established example for colorimetric screenings was developed for cloning 

purposes, to assess successful recombination of a gene of interest into a suitable vector, the “blue-

white screen”. This system relies on a process referred to as α-complementation, where the 

functionality of a truncated and inactive β-galactosidase variant (ω-peptide) is reinstated when the 

small α-peptide is successfully co-expressed (Ullmann, Jacob, and Monod 1967; Langley et al. 

1975). Upon association of the α- and ω-subunit, the β-galactosidase structurally reorganizes and 

forms active tetramers, which can then hydrolyze the synthetic lactose analogue X-gal (5-bromo-

4-chloro-3-indolyl-β-D-galactopyranoside) and cause an intense blue color formation. This system 

can be exploited for cloning purposes when a suitable E. coli strain, harboring the gene for the 

inactive β-galactosidase ω-peptide (LacZ-ω) receives the complementing α-peptide coding 

sequence (LacZ-α) from a transformed plasmid. Bacterial colonies growing on solid media 

supplemented with X-gal will turn blue due to the α-complementation unless the α-peptide coding 

sequence is disrupted with a gene of interest – in these designs, multiple cloning sites were 

introduced into the LacZ-a sequence – and bacterial colonies with successful integration will 

appear white (Vieira and Messing 1982). This system establishes a fast and simple identification of 

successful transformation events as it allows to circumvent the tedious and cumbersome 

confirmation of gene integration via molecular biology techniques  

  

Figure 15 Blue-white screening of E. coli transformants on solid LB medium. Successful integration of the gene of 

interest into the multiple cloning site disrupts the coding sequence of the LacZα gene and orevents the α-

complementation to restore β-galactosidase activity in E. coli cells expressing a truncated and inactive variant of the 

enzyme (left). Where transformants harbor the gene of interest at the proper position, colonies appear white since 

the supplemented X-Gal compound in the medium cannot be enzymatically cleaved to release the blue indole (right). 

Photograph kindly provided by Stefan Walkowski. 
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In the framework of employing the directed evolution strategy for enzyme development, one of 

the first documented examples that needs mentioning involves a clearing halo assay for the 

engineering of the protease subtilisin E. To increase the enzymes fitness in nonaqueous solvents, 

the group around Frances Arnold utilized random mutagenesis methodologies to create enzyme 

libraries and subjected them to increasing concentrations of the organic solvent 

dimethylformamide (DMF), to stress their fitness in multiple rounds of directed evolution. In their 

setup, solid media screening plates for E. coli expression contained DMF and skim milk powder. In 

cases where the enzyme variant evolved to tolerate the organic solvent, enzyme activity led to the 

proteolytic digest of milk protein and a concurrent clearing of the opaque media around the active 

colonies in the form of halos. Directed evolution of subtilisin E supported by this screening setup 

resulted in the development of improved variants active in concentrations of up to 85 % DMF (K. 

Chen and Arnold 1991; You and Arnold 1996).  

A prominent example for a colorimetric compound that is frequently utilized in the screening of 

oxidoreductase activity is 2,2′-Azino-bis 3-ethylbenzothiazoline-6-sulfonic acid (ABTS), which 

develops a characteristic green color upon oxidation to its cationic radical species. The utilization 

of ABTS in screenings is quite versatile, as it presents a suitable substrate for multiple 

oxidoreductases. It functions as a colorimetric indicator for laccase activity when oxygen is 

available as co-substrate, but similarly for peroxidase when H2O2 is present. In addition, screenings 

based on ABTS can be expanded to oxidase activity and H2O2 formation when working in 

conjunction with peroxidases. Furthermore, this tandem of oxidase and peroxidase activity can be 

used as a reporter itself when the enzymatic activity of an enzyme of interest forms a suitable 

substrate for the oxidase (Figure 16). This has been reported in the case of screening transaminases 

where glycine was formed from glyoxylate, and was detected by the action of a glycine oxidase and 

horseradish peroxidase couple (Weiß et al. 2014). Similarly, the enzymatic activity of alanine 

racemase on L-alanine to form the D-enantiomer was assayed by the cascadic reaction of 

combining D-amino acid oxidase and horseradish peroxidase (Willies, White, and Turner 2012).  
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Figure 16 Enzymatic screening cascade. The oxidation of ABTS is a commonly employed assay reaction in solid-phase 

screenings and can be catalyzed by enzymes such as laccases (multicopper oxidases in general) and peroxidases, that 

are also present in the screening media. The necessity for its co-substrate peroxide, allows to couple the peroxidase 

reaction to a preceding oxidase activity, providing H2O2. This cascade reaction can even be expanded when another 

enzyme forms a substrate for the oxidase/peroxidase tandem prior (Weiß et al. 2014; Willies, White, and Turner 

2012).  

 

Instead of assaying enzyme activity in the growth and induction medium directly, these steps can 

be uncoupled using a top-agar layer containing most assay components to minimize interference 

from media components. Recent literature contains multiple reports that describe the detection 

of glucose oxidase activity after secretion or display. For this purpose, glucose, mediating 

peroxidase, and a suitable colorimetric indicator compound like ABTS are provided in the overlaid 

agar coating (Valdivieso-Ugarte et al. 2006; Ostafe et al. 2014). Notably, Ostafe et al. used this 

technique to assess the enrichment ability of their FACS-based screening by identifying glucose 

oxidase (GOx) displaying S. cerevisiae cells. In this case, glucose is required for the screening of GOx 

activity but needs to be absent in the growth medium to avoid its inhibitory effect on galactose 

dependent induction of protein expression in the utilized S. cerevisiae host. Hence, an overlaid 

screening agar allowed to combine cultivation of the host and screening locally united but 

temporally separated. 

As these examples underline, screening on solid phases almost exclusively yields qualitative data 

to evaluate the functionality of enzymes and is not used to deliver quantitative comparison of 

variants. Still, the usefulness of solid-phase screening setups should not be underestimated. Their 

simplicity is of special value for the screening of environmental samples where information on the 
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biochemical properties of enzymes is scarce and at the beginning of engineering campaigns, where 

it can contribute immensely to reducing the screening effort. At this stage, plate screenings are 

commonly introduced as a pre-screening step to eliminate non-functional variants prior to the 

labor intensive, quantitative assessment under controlled conditions in different formats (You and 

Arnold 1996; Maté et al. 2010; Scheiblbrandner et al. 2017). Dependent on the mutational load 

and the engineering scope, a large fraction of the library - up to 98 % - can be left rendered inactive 

and should be eliminated from subsequent screening steps to save resources, time most of all 

(Zumarraga et al. 2008). Plate screening assays can provide qualitative statements on a variant´s 

catalytic properties, but subsequent steps of quantitative assessments in a different format, usually 

the microtiter plate, are necessary.  
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15. Microtiter plates 

Microtiter plates (MTP), synonymously also referred to as “multiwell plate” or “microwell plate”, 

represent a simple way of compartmentalizing a library throughout enzyme engineering 

campaigns. The separation into dedicated wells allows to maintain a steady connection between 

genotype (gene, expression host) and phenotype (enzyme activity) and simplifies handling. 

Commonly, the cultivation and screening stage are carried out in the same format to allow 

seamless parallelization from one stage to the next. Still, technological solutions such as colony 

picker robots can facilitate fully automatized transfer of microbial colonies from the solid to liquid 

phase, for virtually any available format. Dependent partially on the expression system and the 

ensuing screening platform, 96 well plates (around 200 µL) represent the most established format. 

But increasing miniaturization is regarded as one of the triumphs in screening technology and was 

accelerated by advancements in automated liquid handling and robotic automatization until the 

2000s. It led to the development of high-density formats such as 384 well (50 µL), 1536 well (10 

µL) and even 3456 well (5 µL) plates which found relevant applications in the pharmaceutical 

industry but are rare in academia (A. Smith 2002). The increase in well density allows to manage 

up to 100 000 variants per day but needs to be met with more elaborate methods for liquid 

transfer, assaying, data interpretation, storage and especially quality control, and efforts for 

maintaining these supporting processes should not be underestimated (Wildey et al. 2017). In the 

grand scheme of things, the utilization of MTPs for screening in solutions can contribute to a drastic 

increase in throughput but needs to be tamed carefully, oftentimes rendering the processes static, 

only partially adaptable and vitally reliant on expensive equipment. Concomitantly, the decision to 

scale-down well sizes in practice is often not a matter of throughput but rather of costs, considering 

expensive fluorescent substrates or cell lines. 

 

In the case of oxidases, standard activity assays for detection and characterization are often based 

on the quantification of the byproduct hydrogen peroxide, which has to be converted by a 

secondary enzyme (a peroxidase) with concurrent conversion of a suitable secondary product, 

such as ABTS, which can be quantified spectrophotometrically. For many dehydrogenases, a more 

direct spectrophotometric quantification is possible, as a number of suitable electron acceptors, 
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such as 1,4-benzoquinone, 2,6-dichlorophenol-indophenol (DCIP or DCPIP) or ferrocenium 

hexafluorophosphate allow direct spectrophotometric detection. Many of these assays are also 

suitable for enzymes with oxidase activity, as these are usually also highly active dehydrogenases, 

often using quinone or metal ion acceptors with higher affinity than molecular oxygen (Sützl et al. 

2018). These reactions are generally characterized by the solubility of all components, enzyme, 

substrate, product, and byproduct (in contrast to, e.g., many hydrolases, where a product is 

released from an insoluble substrate). The enzymes are often secretory and are released into the 

supernatant, or are expressed intracellularly in E. coli, which requires cell lysis to release enzymes 

or accumulated substrates and byproducts for performance of the assay. Earlier efforts of 

engineering and evolution of such enzymes were mostly based on slightly modified standard 

assays, and compartmentalization in microtiter plate format was required in order to maintain the 

connection of gene, enzyme and quantifiable product.  

Exemplary for early work in enzyme engineering relying on such a setup is the directed evolution 

of the fungal Aspergillus niger glucose oxidase. The enzyme was expressed as secretory enzyme in 

yeast and assayed using the electron acceptor ferrocene methanol as a reporter for its 

dehydrogenase activity. Two epPCR-generated libraries of 2000 colonies each were screened using 

a liquid handling workstation for 96-well-microtiter plates (Zhu et al. 2007). In a follow-up using 

results from this study as a starting point, similar assays employing ABTS/HRP for oxidase and 

quinone diimine for dehydrogenase activity were used in order to identify variants with decreased 

oxygen activity, still depending on a relatively small library size of 2200 clones using saturation 

mutagenesis and epPCR (Arango Gutierrez et al. 2013). Engineering attempts of the catalytically 

related Trametes ochracea (formerly Trametes mutlicolor) pyranose oxidase utilized the same 

setup as described before, but introduced an additional cell lysis step as the enzyme is readily 

expressed in E.coli. Enzyme activity is assayed after chemical disruption in the cell lysate with 

horseradish peroxidase and ABTS assessing oxygen reactivity. In various cases, library designs were 

limited to repeated saturation mutagenesis in multiple positions (Salaheddin et al. 2009; Spadiut 

et al. 2009; Brugger et al. 2014), as were approaches using cellobiose dehydrogenase from 

Crassicarpon hotsonii (from (Sygmund et al. 2013) and pyranose dehydrogenase from 

Leucoagaricus meleagris (Krondorfer et al. 2014).  
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The group around Miguel Alcalde pioneered the development of high-throughput screening 

systems for oxidoreductases: peroxidases and high-redox potential laccases (HRPL) in particular, 

using S. cerevisiae as expression host. Early work from 2010 describes directed evolution 

campaigns improving basidiomycetous laccases and Versatile Peroxidase (VP). Garcia-Ruiz et al. 

used combinations of StEP with in vivo DNA shuffling and screened two libraries of approximately 

2,000 colonies each in microtiter plate format using an ABTS dependent assay (García-Ruiz et al. 

2010). A similar approach was used by Mate et al. (Maté et al. 2010) to evolve a basidiomycete 

HRPL for improved secretion, stability and activity using multiple rounds of error-prone PCR 

combined with in vivo DNA shuffling. Ultimately, also site-directed mutagenesis was employed for 

the combination of beneficial mutations that did not happen by shuffling, or to recreate revertants. 

In this work altogether over 50,000 clones were screened over eight rounds and screening also 

relied on the ABTS-based assays which were subjected cell-free expression supernatants in 

microtiter plate format. The thus evolved laccase was further adapted to conditions prevalent in 

human blood: an above-neutral pH and high chloride concentration by using essentially the same 

methodology and screening procedure as is outlined in Figure 17 (Mate et al. 2013).  

Recently, Zhang et al. reported enzyme engineering campaigns on a bacterial copper export 

oxidase (CueO) which is responsible for copper homeostasis in its host E. coli. The researchers 

aimed at evolving the CueO enzyme towards improved electrochemical performance and 

increased electron transfer (L. Zhang et al. 2020). In their work, a variation of error-prone PCR with 

a high mutational load (seven mutations per kb) was used but a high population of active clones 

(75%) in a library of approximately 1,500 clones could be maintained, which was verified by 

colorimetric prescreening with ABTS. The actual screening was caried out in an 8-channel-

electrochemical platform of immobilized enzymes on carbon nanotube-modified glassy carbon 

electrodes with an 8-channel potentiostat that enabled the screening of one microtiter plate in 

approximately 20 min. Positions where positive clones could be identified were subjected to site-

saturation mutagenesis, in order to avoid the limitations of epPCR in covering all possible amino 

acids, and the best single mutants were combined in one variant with considerable reduction in 

electrochemical overpotential of 0.14 V.   
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Figure 17 Exemplary overview over a directed evolution campaign for laccase. A basidiomycetous laccase gene was 

equipped with an α-factor secretion signal for S. cerevisiae expression and subjected to in vivo assembly, error-prone 

PCR, StEP, DNA shuffling and site saturation over 4 generations. Variant libraries were assessed under selective 

conditions with elevated pH and increased chloride concentrations and desirable mutations accumulated in variant 

“ChU-B”. Schematic by courtesy of D. Mate (Mate et al. 2013).  
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This approach further highlights the difficulties when screening for specific properties: the 

screening system has to be as close as possible to the actual application, for which an improvement 

is sought, and screening with soluble mediators will not mimic the situation of electrochemical 

oxidations on an electrode.  

A common theme of all those campaigns is that the screening assays were adapted for microtiter 

plate format from the standard activity assays used in kinetic characterizations, and that 

multichannel pipettors or liquid handling workstations were employed. In any case, library sizes 

were generally in the range of 1,000 - 3,000 clones, and the total number of screened variants did 

not exceed 50,000 clones after multiple rounds of mutagenesis and screening. While it is not stated 

explicitly in these publications, it is reasonably clear that even with robotic assistance, the 

simultaneous handling of 20 - 50 cultivation plates and around 100 assay plates is a major limiting 

factor for the screenable sequence space, rather than methods of comprehensive diversity 

generation.  

16. Display technology 

Markel et al. have recently reviewed some trends in ultrahigh-throughput screening systems for 

enzymes utilizing diverse methodologies, mimicking biological systems and employing 

physicochemical approaches, involving cell surface display, microfluidics, next-generation 

compartments and in vitro compartmentalization in emulsions (Markel et al. 2020).  

Surface display gained increased attention with the advent of affinity engineering for binders, 

where pioneering work on phage display from George P. Smith was awarded with the Nobel Prize 

in 2018 (G. P. Smith 1985; Arnold, Smith, and Winter 2018). Surface display systems can facilitate 

the anchoring of secretory enzymes on the surface of the expressing entity, thereby linking it to 

the encoding gene. This essentially leaves substrate and detectable product (or byproduct) as the 

only soluble component which needs to be isolated from neighboring reactions and interference. 

In vitro compartmentalization usually offers a solution to this problem, if the preparation of 

emulsions, the conversion of substrate to product and the detection of the product in a FACS or 

droplet sorter can be optimized - however, if the detectable product can be somehow associated 

with the cell as well, this steps are obsolete and setups can be simplified as was highlighted in 

recent examples (Pitzler et al. 2014; Vanella, Ta, and Nash 2019).  
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Figure 18 The S. cerevisiae Yeast Surface Display system. Schematic of the protein scaffolds involved in the 

decoration of the S. cerevisiae cell wall with a fusion construct of the protein of interest. With the help of the pCT-

CON expression vector system (right), the protein of interest is expressed as an in-frame fusion construct with Aga2 

and harbors tags for detection and normalization. This fusion protein is secreted and associates naturally to the native 

Aga1 cell wall protein via cysteine bridges. Schematics by courtesy of M. W. Traxlmayr and A. Angelini (Angelini et al. 

2015).  

 

The yeast surface display (YSD) system by Boder & Wittrup was developed for S. cerevisiae (Boder 

and Wittrup 1997) and needs mentioning as one of the key technologies to back the rise of display-

based high-throughput screenings in recent times. This display system exploits the natural 

occurrence of a duo of α-agglutinin proteins (Aga1, Aga2) that take part in the yeasts mating 

process. Proteins of interest can be effortlessly cloned to the Aga2 moiety as a fusion construct 

using a variety of established plasmids, and once expressed, will covalently tether to the cell-wall 

integrated Aga1 partner via disulfide bridges. The use of a eukaryotic expression host conveys a 

handful of advantages and can alleviate some of the biases of protein expression since it relies on 

the eukaryotic post-translational machinery (Angelini et al. 2015). This is of particular interest when 

fungal enzymes are desired to be displayed, where the close phylogenetic relation to the S. 

cerevisiae host represents a clear advantage in terms of expressebility and posttranslational 

processing. The popularity of this system in enzyme engineering can - at least partially - also be 

ascribed to the wealth of reports and the availability of detailed protocols (Gai and Wittrup 2007; 

Traxlmayr and Obinger 2012; T. F. Chen et al. 2013; Angelini et al. 2015). Yeast display, in different 

forms, is predominantly employed for the engineering of pharmaceutically relevant binding 
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proteins but has seen emerging adaptation for the display of enzymes. Alongside oxidoreductases, 

this technology was successfully used for the cellular immobilization of proteases, sortases, lipases 

glucosidases and even peroxidases and oxidases as was reviewed by Mei et al. (Mei et al. 2017).  

Parallel to the various yeast surface display systems, a multihued palette of systems and 

methodologies for the immobilization and tethering of enzymes has been developed but is 

unequally well established for the different fields of application. Uniformly, these methods rely on 

maintaining a steady connection of gene sequence (genotype) and enzyme function (phenotype) 

and include phage display (G. P. Smith 1985), ribosome and mRNA display  (Hanes and Plückthun 

1997), bacterial surface display (van Bloois et al. 2011), mammalian cell display (Bowers et al. 2014) 

spore display (Isticato et al. 2001). Still, most of these methods focus on affinity interaction with 

proteins, peptides or small molecules. For the purpose of evolving enzymes, bacterial display 

systems represent the most prominent alternative to yeast display and include multiple strategies 

for E. coli alongside many for gram-positive expression platforms (Becker et al. 2005; Yang and 

Withers 2009; van Bloois et al. 2011).   

 

Flow cytometry and microfluidics 

The advancements in the development of microfluidic systems, flow cytometers and cell sorters 

have unlocked the possibility to screen enzyme variants by the single cells within a suspension of 

millions of cells or more. The urge to discover pharmaceutically relevant binders (often antibodies) 

for clinical application surely was the main driver in these developments and was boosted by 

research of established companies with substantial financial effort. At the status quo, the 

combination of surface display technologies and flow cytometers allows to process variant libraries 

of sizes of 106 per hour (Markel et al. 2020), each cell being individually assessed for a wide array 

of biochemical properties within milliseconds by means of fluorescence. Every cell within a 

suspension can represent a single, unique variant with its gene encoded inside the cell and 

connected to a distinct enzymatic property (stability, activity, specificity) that is screened for and 

desirably unaffected by other variants.   
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Figure 19 Principles of flow cytometers and cell sorters. The sample stream leaves the container and carries the cells 

in suspension before being united with the sheath fluid for fluidic focusing. The cells align in a single file and pass the 

interrogation point where their fluorescent properties are evaluated by a laser and a detector array. Information 

from this assessment triggers a charging of droplets that are formed by the nozzle. These polarized droplets are then 

deflected by dedicated plates which results in a slight change in trajectory for collection into separate tubes. 
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The screening of enzyme activity can similarly be realized as long as it can be converted to a 

fluorescent signal, for example the formation or attachment of a fluorescent reaction product at 

the cell surface.  

The general functionality of microfluidic systems can be explained by exemplarily describing flow 

cytometers and cell sorters (FACS, fluorescence activated cell sorting), which are common in 

academic environments. In these devices, the entire transport of cells through the machine relies 

on microfluidic liquid transfer. The beginning marks a sample container which holds the assayed, 

fluorescently stained cell suspension and is usually pressurized to facilitate a flow of volume 

towards the flow cell, where the sample stream is surrounded by the sheath fluid. An elevated 

pressure in the enringing sheath fluid causes the sample stream to condense and drastically narrow 

in diameter, ultimately leading to a perfectly laminar flow of strung-out, single file cells in a process 

termed hydrodynamic focusing. The stream then continues till the interrogation point is reached 

where the cells are hit by an array of lasers, exciting the fluorescence of the reporter dyes on the 

cell surface. The so obtained fluorescence signals and scattered beams are further split by optical 

filters (dichroic mirrors) and processed by a detector unit one-by-one. In the case of flow 

cytometers, the resulting signals are the desired output and can provide information on the 

relative amount of fluorescent signal on the cell surface. Cell sorters function likewise up to that 

point but make use of the gathered signal data to isolate cells into separate collector tubes. 

Fluorescence data is processed in line and compared to a deliberately set threshold of values and 

ratios, by computer guided gating. In cell sorters, the sample stream continues to the nozzle, where 

harmonic oscillation of the tip causes the stream to partition and form droplets engulfing, ideally, 

a single cell per droplet. These droplets are charged according to their signals with respect to the 

gating limits shortly after they leave the interrogation point. When finally the differently charged 

droplets pass the deflector plates, they are exposed to an electromagnetic field and are redirected 

slightly, which is subject to the level of charge applied. This ultimately allows to collect them in 

separate tubes, depending on whether they fulfilled the gating criteria or not.  

Standard cell sorters can achieve validated sorting rates of 10 000 events per second while 

maintaining practicable accuracy rates. For certain flagship instruments higher rates up to 50 000 

events per second and sorting into usually multiple (5 or more) receiver slots is possible. It needs 
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to be stated that usually multiple rounds of sorting are required, and the common strategy entails 

initial enrichment of likely positive events at high rates and subsequent increase in accuracy at the 

cost of sorting speed. Thus, higher sorting rates do not necessarily cut analysis times and smart 

techniques to remove negative cells prior to cell sorting, magnetic bead sorting or size selection 

(Vanella et al. 2019) can contribute more substantially to speeding up the overall process.   

Parallel to cell sorters, lab-on-a-chip solutions for cell sorting and enzyme screening developed 

rapidly in the past decade and pioneering work by the group around David A. Weitz stood in the 

scientific spotlight repeatedly (Utada et al. 2005; Baret et al. 2009; Agresti et al. 2010). The 

screening of cells displaying enzymes can be carried out using small microfluidic chips that are 

commercially available, customizable and commonly represent an affordable screening system. In 

certain applications, microfluidic chips made from silicon or various synthetic polymers, allow to 

create a stream of (displaying) cells and are united with the assay components and emulsified 

utilizing a micro-capillary setup. Upon mixing, the assay reaction is started, extended and analyzed 

shortly after in a fluorescence detector before being sorted, as can be performed in different 

setups as a recent review comprehensively outlined (Chiu and Stavrakis 2019). 

Displayed Oxidoreductases 

Lipovsek et al. (2007) have first evolved yeast-surface-displayed horse radish peroxidase (HRP) with 

two different enantiomers of a fluorescently labelled HRP substrate, the chiral phenol tyrosinol. 

Oxidation of these conjugates leads to the formation of radicals that are captured at the cell 

surface via reaction with exposed tyrosine residues, and the yeast cells can be sorted by FACS 

based on the ratio of the two dyes bound to the surface - which corresponds to the 

enantioselectivity of the HRP (Lipovšek et al. 2007). In this approach the reaction products are 

soluble and diffusible at first, and while they are subsequently captured on the cell, cross-labeling 

by radicals produced from neighboring cells is possible. Initially, directed evolution of the 

peroxidase yielded a positive outcome only in the case of a semi-rational approach, where a 

comparably small site-directed enzyme library was screened. In follow-up work, improved variants 

were also isolated from a random mutagenesis library and were characterized to be almost 

completely enantioselective. Obtained results could also be rationalized with computational 
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docking and strong influence on the enzymes enantioselectivity later attributed to a single amino 

acid in the active site (E. Antipov et al. 2008; Eugene Antipov, Cho, and Klibanov 2009).   

 

Prodanovic and colleagues (2012) adapted this system for the evolution of H2O2-producing GOx, 

with the radical forming HRP as the secondary enzyme added in soluble form and found that under 

these conditions cross-labeling is prevalent. Therefore, the reactions (of 107 cells) were performed 

in an emulsion of Tris buffer containing fluorescein-tyramide, glucose and HRP in oil and ascorbic 

acid for quenching of side reactions, after which the cells were recovered and sorted by FACS 

(Prodanovic et al. 2012). The performance of this screening system was, however, considered 

unsatisfactory. As the number of tyrosine residues on the cell surface that are available for labeling 

is limited, only a narrow window of activity increase can be used reliably. The system was 

subsequently adapted to double emulsions (water-in-oil-in-water), which works without tyramide-

immobilization of the fluorescent products on the cells, and therefore requires constant 

compartmentalization during detection and sorting, and a number of fluorescent dyes was tested 

for HRP-dependent hydrogen peroxide detection. Ultimately, vanadium bromoperoxidase (from 

the macro alga Corallina officinalis) was employed for peroxide detection instead of HRP, in order 

to avoid the issue of unspecific oxidation of fluorescent phenolic compounds by HRP (leading to a 

drop in fluorescence) in the presence of an excess of peroxide (Ostafe et al. 2014). This assay 

allowed the sorting of 100,000 clones with an enrichment of up to 200-fold in one hour. In a further 

modification, the Prodanovic group used GOx-fusions with a modified yGFP variant in order to 

quantify GOx displayed on the yeast surface for the purpose of normalizing enzyme expression 

levels to activity for individual cells. GOx activity was measured as in the above systems by HRP-

mediated DyLight650-tyramide labeling of the yeast cells, and FACS gating was set for a high ratio 

of activity-related DyLight650-fluorescence (red) vs yGFP-fluorescence (presence on the cell 

surface). Enrichment of cells expressing GOx with increased activity was achieved in a single round 

of screening and individual clones displayed up to 2.3-fold activity (Kovačević et al. 2019). Shortly 

after, similar campaigns aimed at improving the expression level and capabilities to neutralize 

harmful azo-dyes of versatile peroxidase and lignin peroxidase in a surface display setting in 

conjunction with fluorescent substrates (Ilić Đurđić et al. 2020).  
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Another publication reported the use of enzymatic radical-based polymerization to establish an 

ultra-high-throughput screening for oxidoreductases in one-pot reactions (Vanella R. et al., 2019a). 

In their work, Vanella et al. documented the formation of a fluorescent hydrogel to encapsulate 

yeast cells expressing active glucose oxidase and subsequent analysis of a mutational library via 

FACS (Vanella R. et al, 2019b). The described approach is based on a cascade reaction polymerizing 

chemically modified alginate, where alginate monomers contain covalently attached fluorescein 

and tyramine moieties for radical chemistry. A. niger GOx was displayed on S. cerevisiae cells 

utilizing the established yeast surface display system (Boder and Wittrup 1997). Glucose, 

horseradish peroxidase, and modified alginate were added in a soluble form and a fluorescent shell 

formed around cells harboring active enzyme. With this system, it could be shown that glucose 

oxidase activity can be successfully screened for in a selective approach: the alginate shell conveys 

immunity to enzymatic lysis and shell formation from polymerization increases particle diameter 

and facilitates enrichment by filtration. Additionally, this system could successfully be used in a 

quantitative approach via FACS as was described in the examples before. Using FACS Vanella et al. 

could isolate variants that were both catalytically improved and more stable from a library of > 106 

variants within hours.   

 

Similarly, a bio-encapsulation based on glucose oxidase-mediated H2O2 release was employed for 

the screening of hydrolase activity. In their work, Pitzler et al. realized a screening system for the 

directed evolution of a bacterial phytase that was recombinantly expressed in E. coli (Pitzler et al. 

2014). Phosphatase activity causes the release of phosphate groups from glucose which then 

becomes a suitable substrate to fuel added glucose oxidase. H2O2 produced from this reaction 

triggers the polymerization of a fluorescent PEG-based shell around the cells. Instead of using a 

peroxidase to mediate radical formation, this system is based on bivalent cations to support radical 

Fenton-chemistry. Work from the same group also described adaptation of this system for 

hydrolases (Lülsdorf et al. 2015).  

The micro-compartmentalization of enzyme displaying cells in emulsions has greatly attributed to 

the recent development of FACS-based screening technologies and is often adopted for screenings 
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in microfluidic chip setups, too. Still, the use of emulsions often accompanies certain limitations 

that restrict the generalizability of the approach and complicate its application.  

One of the major hurdles to overcome is to achieve a definite distribution of the number of cells 

within the droplets and ideally guarantee the presence of just single cells within them. This aspect 

is often challenging and a matter of combating an unfavorable statistical distribution with optimal 

emulsification settings - which usually demands profound experience and sufficient testing. Once 

proper emulsions are established, they not only present a microfluidic container but also a 

boundary for diffusive in- and efflux. As is desired, the diffusivity of reaction products is curbed by 

the water-oil interface which concomitantly also restricts influx of substrate for the enzymatic 

reaction. This problem was elegantly tackled by the Prodanovic group using the detergent-like 

beta-octyl glucoside as a substrate for the screening of glucose oxidase (GOx): the glucose moiety 

accumulates in the aqueous side of the droplet and can be cleaved from the hydrophobic octanol 

moiety (by beta-glucosidase) and hence made available for GOx (Ostafe et al. 2014). As this 

approach aids to circumvent the challenge of supplying substrate for the enzymatic reaction, it also 

restricts the variety of substrates that can be used. If in a similar setting alternative GOx substrates 

were to be screened for, other - potentially not commercially available - beta-octyl sugars would 

be needed. Another fundamental puzzle of emulsified one-pot systems is how to realize a 

synchronous reaction start for all cells in the droplets. If mass transfer through the water-oil 

interface is biased, due to unequal droplet widths for example, differences in apparent reaction 

times and substrate concentrations will lead to false positive results. This bias can hardly ever be 

evaded and should always be accounted for in multi-phase systems.  

17. Future directions 

Recent years have seen significant progress in the development and refinement of 

compartmentalization in smaller volumetric units, detection and quantification of reactions in cells 

representing a minimal compartment and even cell-free expression and screening approaches 

using cell display, emulsions, microcapillaries and microfluidics technologies (see, e.g. Colin et al. 

2015; Longwell, Labanieh, and Cochran 2017; Bunzel et al. 2018; Markel et al. 2020 for reviews). 

The latter technologies appear highly promising, but also entail a requirement for sophisticated 

technical equipment for the manufacturing of, e.g., microchambers or microcapillaries.  
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The naturally smallest compartment is the cell, and cell sorting is a comparably simple and 

established technology. Enzymes that are naturally active in the cytoplasm can be screened using 

the cell as compartment, provided that a suitable substrate or substrate analogue can be provided 

that can be taken up by the cell and be converted to a detectable product that remains in the cell. 

Aharoni et al. (2005) described such systems for glycosyl transferases, where a fluorescently 

labelled acceptor molecule can traffic in and out of the cell, but is unable to do so once an 

additional sugar residue is transferred to it by the transferase, thus enlarging the molecule (Aharoni 

et al. 2005). Accumulation of fluorescent product is then a measure for enzymatic activity. Enzymes 

as discussed above, however, are active outside the cell, and while anchoring on the cell is often 

feasible, it is the capturing or immobilization of a detectable product that is the major challenge, 

particularly when a secondary enzymatic reaction is required, as is the case for the detection of 

the co-product hydrogen peroxide. In that respect, approaches without in vitro 

compartmentalization in emulsion droplets have thus far not reached practical relevance, mostly 

due to problems with cross-labeling by the generated radicals, particularly when enzymatic 

cascades were employed, or to a limited capacity to capture the generated detectable radicals 

before saturation (Prodanovic et al. 2012). Gutscher et al. (2009) have used a modified roGFP, that 

can be oxidized by the hydrogen peroxide-scavenging yeast peroxiredoxin Orp1, leading to a 

measurable fluorescent signal. Such redox sensors could be co-immobilized with peroxide-

producing enzymes offering direct detectability on the cell without the need for in vitro 

compartmentalization. A comparable protein-based peroxide sensor was already employed 

intracellularly when working in conjunction with cytochrome P450 BM3 and made lysis reactions 

obsolete (Lim and Sikes 2015). Similar approaches are conceivable for peroxidases or laccases, if 

they are capable of catalyzing comparable oxidations of reporter proteins. Alternatively, enzymes 

whose reactions result in the formation of radicals (peroxidases, laccases, etc.) could be assayed if 

capturing of the produced radicals on the cell surface could be facilitated via a different mechanism 

than tyramide-fluorescein, which was considered (Prodanovic et al. 2012).  

Seemingly, scientific literature of the past decade highlighted a focus on radical-based methods to 

immobilize fluorescent output on the cell surface as is outlined above. Given the unspecific nature 

of such chemistry, the combination with compartmentalization methods such as emulsification can 

be deemed necessary and often represent the bottleneck of applicability. Novel methods to 
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decrease cross-talk between neighboring cells (and variants), limiting diffusion while 

simultaneously guaranteeing a tight connection of fluorescent readout to the enzyme variant and 

its gene promise improvement. Likely, non-diffusive protein based reporters (Gutscher et al. 2009) 

that are tightly tethered to the cells or partially diffusive polymers such as the recently introduced 

fluorescent alginate reporter (Vanella, Ta, and Nash 2019) attract the most attention in the 

upcoming years. The establishment of more widely applicable systems will additionally help to 

boost screening success as enzymes other than the notorious A. niger glucose oxidase are 

employed. Potentially, one of these enzymes in the spotlight is lactate oxidase, an enzyme so far 

unbeknownst to high-throughput screenings but unproportionally relevant in industry 

(Kucherenko, Topolnikova, and Soldatkin 2018).  
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Abstract

Accurate yet efficient high-throughput screenings have emerged as essential technology for

enzyme engineering via directed evolution. Modern high-throughput screening platforms for

oxidoreductases are commonly assisted by technologies such as surface display and rely on

emulsification techniques to facilitate single-cell analysis via fluorescence-activated cell sort-

ing. Empowered by the dramatically increased throughput, the screening of significantly larger

sequence spaces in acceptable time frames is achieved but usually comes at the cost of restricted

applicability. In this work, we tackle this problem by utilizing roGFP2-Orp1 as a fluorescent one-

component detection system for enzymatic H2O2 formation. We determined the kinetic parameters

of the roGFP2-Orp1 reaction with H2O2 and established an efficient immobilization technique for

the sensor on Saccharomyces cerevisiae cells employing the lectin Concanavalin A. This allowed

to realize a peroxide-sensing shell on enzyme-displaying cells, a system that was successfully

employed to screen for H2O2 formation of enzyme variants in a whole-cell setting.

Key words: enzyme, flow cytometry, H2O2, screening, surface display

Introduction
During the past decades, many enzymes have emerged to comple-

ment conventional chemical processes in various industries. Their

utilization as highly specific and tunable biocatalysts has accelerated

the expansion of novel biocatalytic processes and technology. The

demand for improved catalytic properties, increased stability under

process conditions and for non-native reactions has led to the estab-

lishment of a wide array of enzyme engineering techniques, including

directed evolution (Chen and Arnold, 1991; Kuchner and Arnold,

1997; Renata et al., 2015). Directed evolution experiments generally

require a balanced and sufficiently large library of variants accompa-

nied by a screening method that reliably maintains the connection

of genotype and phenotype (Fischlechner et al., 2014) and allows

sufficient throughput (Porter et al., 2016; Truppo, 2017). Display

methods immobilizing proteins on the surface of phage particles

(Smith and Petrenko, 1997) and yeast cells (Boder andWittrup, 1997)

have greatly boosted the development of screening technologies for

the engineering and evolution of, e.g. antibodies, where the assay

simply involves binding to a labeled antigen.

Catalytic screening assays for enzymes, oxidoreductases in partic-

ular, are a different proposition due to the diffusible nature of enzyme

substrates, cofactors and products. This generally demands some

form of compartmentalization, e.g. in microtiter plates, which in turn

limits throughput due to the practical demands of handling large
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numbers of plates: bench space, manipulation, reagent distribution,

readout, time. Practically, the screening of 104–105 variants per

month appears to be a limit, even when using automated handling

stations, as described in literature (Dörr et al., 2016). One approach

to overcome this problem is through further miniaturization, by

distributing enzyme variant producing cells and reaction components

in emulsion droplets (water-in-oil,water-in-oil-in-water) or hydrogels

to create microcompartments (Aharoni et al., 2005; Ostafe et al.,

2014; Pitzler et al., 2014; Blažić et al., 2019; Vanella et al. 2019a;

Markel et al., 2020). These droplets establish a reaction chamber

for—statistically—single enzyme variants and can be analyzed via

fluorescence activated cell sorting (FACS). This allows the screen-

ing of dramatically larger libraries and provides access to a larger

sequence space with reasonable effort in shorter times, with through-

puts in the range of 105 library variants within days reported for

different oxidoreductases (Ostafe et al., 2014; Zhu et al., 2015;

Ilić Ðurd̄ić et al., 2020). Several limitations remain: the water–oil

interface maintains the reactants within the droplets and prevents

influx into the system, therefore all assay components (substrate,

secondary enzyme, fluorescent signal molecules) have to be supplied

together with the enzyme-producing cells at emulsification. Appro-

priate distribution of cells into droplets needs to be optimized, and

enzyme production and reaction start may vary across droplet popu-

lations. Increasing efforts are therefore directed toward systems that

make artificial compartmentalization obsolete by physically linking

a detectable readout of enzyme activity to the enzyme-producing

cell harboring the respective variant gene. Most examples utilize

a secondary enzyme like a peroxidase and some form of radical-

mediated polymerization of a detectable (fluorescent) signal molecule

to the cell (Lipovšek et al., 2007; Ostafe et al., 2014; Pitzler et al.,

2014; Blažić et al., 2019; Ilić Ðurd̄ić et al., 2020). With the exception

of the hydrogel-polymerization-based approach by Vanella et al.

(Vanella et al., 2019b; Vanella et al.2019a), none of these approaches,

while successful in principle, could entirely obviate artificial compart-

mentalization. roGFP2-Orp1 is an artificial combination of a redox

sensitive GFP variant (roGFP2) fused to theH2O2 sensing peroxidase

Orp1—synonymously Gpx3 orHyr1 (Ma et al., 2007)—and has been

established as a genetically encoded fluorescent peroxide sensor by

T. Dick et al. in 2009 (Gutscher et al., 2009). The mode of action

of roGFP2-Orp1 is governed by a catalytic cysteine in Orp1. Upon

contact with H2O2, Orp1 mediates the formation of a disulfide

bridge on the adjoining roGFP2 moiety which results in a modified

fluorescence spectrum of the fluorescent protein. These changes are

most prominent at around 400 nm and 490 nm excitation and hence

a fluorescence intensity ratio of 400/490 nm excitation at 520 nm

emission (or similar) is commonly used to indicate the redox change

in roGFP2-based sensors. In 2017, a comprehensive analysis of the

roGFP2-Orp1 reactivities with relevant oxidant species was carried

out and concluded that the sensor does not exclusively respond

to H2O2 (Müller et al., 2017). Although roGFP2-Orp1 is robustly

specific in a physiological (in vivo) setting, a pronounced unspecific

reactivity in the presence of ambient oxygen concentrations was

highlighted in this in vitro study.

In this work, we aimed to adapt roGFP2-Orp1 as a screening tool

for H2O2-producing oxidases and dehydrogenases fit for whole-cell

high-throughput screenings. We defined the performance parameters

of roGFP2-Orp1 as a fluorescent sensor to (relatively) quantify enzy-

matic H2O2 production. We were able to apply this concept to dis-

tinguish between varying H2O2 formation rates using roGFP2-Orp1

in combination with soluble pyranose 2-oxidase or surface-displayed

cellobiose dehydrogenase (CDH) variants. We then explored the

coimmobilization of recombinantly produced roGFP2-Orp1 on the

surface of yeast cells displaying a H2O2-producing enzyme, thus

providing an artificial shell for local H2O2 detection that can be

employed for whole-cell screening of cells producing enzyme variants

in a high-throughput setting without artificial compartmentalization.

Results

Production and purification of roGFP2-Orp1

Escherichia coli (E. coli) NEB Express Iq cells, harboring the His-

tagged roGFP2-Orp1 gene downstream of a T5 promoter, were

cultivated in a shaking flask fermentation of 1.5 L.With this, 22 g of

intensely green-colored E. coli cell pellet could be produced. After cell

disruption and immobilized metal affinity chromatography (IMAC),

the presence of the roGFP2-Orp1 protein was visible in various frac-

tions by its characteristic fluorescence and a band at ∼50 kDa in SDS

PAGE (Fig. S1), conforming to the protein’s 49.1 kDa theoretical size.

An additional purification step with size exclusion chromatography

(SEC) yielded 164 mg of apparently pure protein. The identity of the

purified full-length roGFP2-Orp1 was confirmed by peptide mapping

via mass spectrometry.

Determination of kinetic parameters for the reaction of

soluble roGFP2-Orp1 with H2O2

In order to quantify the formation of oxidized roGFP2-Orp1 dur-

ing the sensor’s reaction with H2O2 by means of fluorescence, it

was necessary to determine the absolute change in fluorescence

signals between the reduced and oxidized state and relate it to a

molar amount of roGFP2-Orp1. This we accomplished by assess-

ing fluorescence signals between a reduced (dithiothreitol, DTT

incubation) and an oxidized (H2O2 incubation) reference state at

400 versus 490 nm excitation and 520 nm emission, respectively.

The calculations allowed to estimate differential molar fluorescence

extinction coefficients (εox) for the oxidation reaction and yielded

εox,490 = −93 209 arbitrary units (a.u.) µM−1 at 490 nm and

εox,400 = 25 449 a.u. µM−1 at 400 nm (Fig. S2). It should be

noted that these fluorescence coefficients only apply for the given

experimental setup and detection settings. This is due to the fact

that the detection of fluorescence signals, contrary to absorbance,

depends on laser and detector gain settings and is not an absolute

measurement. Aided by the estimated εox,490 at 490 nm excitation,

which was preferred for calculations due to the comparably higher

signal, reactions of purified roGFP2-Orp1 with H2O2 allowed to

estimate apparent kinetic parameters: a Km of 0.30 ± 0.04 µM,

Vmax of 0.09 ± 0.01 µM min−1 was determined and yields a kcat of

0.11 ± 0.01 min−1 at 0.9 µM sensor concentration (Fig. S3). As these

kinetic parameters reflect the reaction cascade of the whole entirety

of roGFP2-Orp1 they are not representative for the potentially much

faster reaction rates of the Orp1 moiety with H2O2.

Reactions of roGFP2-Orp1 with soluble pyranose

2-oxidase

Purified roGFP2-Orp1 was utilized in combination with pyranose

2-oxidase (POx), a pronounced oxidase, to resolve varying peroxide

production rates by the enzyme. In this experimental setup, POx and

roGFP2-Orp1 were present at a stoichiometric ratio of 1:100 and the

POx oxygen-to-peroxide turnover was fueled with varying concen-

trations of d-glucose, the preferred substrate for the enzyme. This

resulted in substrate-dependent rates of H2O2 formation that were

D
ow

nloaded from
 https://academ

ic.oup.com
/peds/article/doi/10.1093/protein/gzaa019/5905304 by guest on 06 August 2021

https://academic.oup.com/peds/article-lookup/doi/10.1093/peds/gzaa019#supplementary-data
https://academic.oup.com/peds/article-lookup/doi/10.1093/peds/gzaa019#supplementary-data
https://academic.oup.com/peds/article-lookup/doi/10.1093/peds/gzaa019#supplementary-data


Screening for oxidase activity using roGFP2-Orp1 3

traced via the roGFP2-Orp1 fluorescence until all sensor molecules

were oxidized. The apparent slopes (Fig. 2A) display a saturation of

reaction rates at ad-glucose concentration of∼250 µM.These results

are in accordance with published kinetic data on POx which, depen-

dent on the testing conditions, reports a d-glucose concentration at

half maximal reaction rate (Km) in the triple digit µM range as was

previously reported (Leitner, Volc and Haltrich, 2001; Tasca et al.,

2007; Salaheddin et al., 2009; Spadiut et al., 2009; Brugger et al.,

2014a; Halada et al., 2016).

A similar differentiation of hydrogen peroxide production rates

was obtained when different sugar substrates, to which POx has

varying substrate specificity, were used at constant concentrations.

In these reactions, d-glucose and d-xylose are preferred over d-

galactose and d-maltose as substrates and yield steeper signal

increases. No reaction was observed for d-fructose, d-glucose-1-

phosphate and d-mannose (Fig. S4), in agreement with data from

literature (Leitner et al., 2001).

To simulate the behavior of roGFP2-Orp1 in a screening of

oxidase variants, we repeated the experimental setup employing a

constant d-glucose concentration in combination with established

POx variants, all exhibiting an altered kinetic profile for oxygen

and thus varying in their hydrogen peroxide formation rate (Brugger

et al., 2014b). As is observable in Fig. 2B, variants with a reportedly

diminished oxidase activity: L547R, Q448H, N593C and the com-

bined variant T166R/N593C could be discriminated from thewt due

to their decreased H2O2 formation rate. Variant T166R expectedly

aligns with the wt whereas also L545C display a reaction curve

similar to the wt despite its decreased turnover rate for oxygen. To

back literature-derived data, we assessed the variants different H2O2

formation rates utilizing the Amplex Red/peroxidase assay under the

same experimental conditions as in the roGFP2-Orp1 setup: relative

activities are given in brackets in the graph.

The saturation effect observed for the wt and variants T166R,

L545C could be due to a limitation in the resolving power of

the roGFP2-Orp1 sensor, that—present at a molar excess of

100:1—operates above a certain threshold of H2O2 production

it is not able to process. As can be seen in Figs 2 and 3,

negative controls (blank) without substrate also show a distinct

increase in the fluorescence ratio, most likely from unspecific

oxidation of the roGFP2-Orp1 sensor in the presence of ambient

oxygen, as was described previously (Müller et al., 2017). As

was examined, this degree of unspecific oxidation of the roGFP2-

Orp1 sensor disproportionally increases with lower concentrations

(Fig. S5).

Reactions of soluble roGFP2-Orp1 with displayed CDH

We efficiently displayedMyriococcum thermophilum (synonymously

Crassicarpon hotsonii) CDH flavin domain wt (CDH-F) and the

oxygen reactive variant N748G (Kracher et al., 2019) (CDH-F+) on

the surface of Saccharomyces cerevisiae (S. cerevisiae) cells using the

established Aga2 yeast surface display system (Boder and Wittrup,

1997; Angelini et al., 2015). Display levels and enzyme activity

were well-correlated and highest specific activities were obtained

between 24 and 38 hours induction at 20◦C. For CDH-F+ apparent

oxidase activities of 1.7—2.8 mU ODml−1 were reached, where

1 mU ODml−1 is defined as the formation of 1 nmol of H2O2 per

minute per milliliter of cell suspension of an OD600 1.0. For CDH-F

and the empty vector control (EVC), no peroxide formation above

the background was detected. Both CDH variants are displayed at

near identical levels (Fig. S6).

Freshly induced, washed cells were incubated with purified

roGFP2-Orp1 and equilibrated for 100 seconds before cellobiose

was added (Fig. 3). As was expected, a H2O2-mediated increase

in the roGFP2-Orp1 fluorescence ratio was only detected for the

displayed oxygen reactive CDH-F+ variant; CDH-F did not show

any substrate specific H2O2 production above the background

(EVC), which was also confirmed using the Amplex Red/peroxidase

assay (Fig. S7). After the reaction had proceeded for another

420 seconds, iodoacetamide (IAA)—a well-established alkylating

reagent for cysteines—was added to arrest the remaining unreacted

roGFP2-Orp1 in the reduced state. Presumably, IAA derivatizes

the cysteine thiol form and hence can prevent the formation

of the cysteine disulfide bond and the concomitant shift in the

fluorescent signatures in the roGFP2 moiety. For the untreated

samples, the reactions proceeded as projected. Again, an increase

in the fluorescence ratio was observed for the control reactions.

Strikingly, this background reaction was also stopped by IAA. IAA

thus functions as a potent stop reagent for the assay reaction and

could be used in the format of a whole-cell assay in a one-pot

screening reaction to stop the parallel unspecific reactions prior

to analysis via flow cytometry and cell sorting.

Biotinylation and immobilization of roGFP2-Orp1 via

the “ConAct” system

A sequence encoding an N-terminal 15 amino acid AviTag was added

to the roGFP2-Orp1 gene to facilitate in vivo biotinylation during

expression in E. coli. Repeating the previously used production

procedure for native roGFP2-Orp1,we could produce mg amounts of

pure biotinylated roGFP2-Orp1. Analysis of the purified protein via

mass spectrometry confirmed the presence of the full sequence and

complete biotinylation, and assessment of purified biotin-roGFP2-

Orp1 confirmed reaction kinetics comparable to the unbiotinylated

protein (Fig. S8).

Concanavalin A (ConA) is a plant-derived lectin which specifi-

cally binds to high-mannose type glycosyl moieties, characterized by

a single digit µM dissociation constant Kd (Coulibaly and Youan,

2014). Effective and specific immobilization of biotinylated roGFP2-

Orp1 on the yeast cell wall was accomplished by binding biotinylated

ConA on the yeast cell wall and combining it with streptavidin (which

is a tetramer) to bridge the two biotinylated moieties (ConAct).

As could be shown by flow cytometry (Fig. S9), only the mixture

containing all components could facilitate efficient immobilization

of biotin-roGFP2-Orp1. The ConAct system was preferred over click

chemistry-based technology to capture proteins on the cell surface

(Rhiel et al., 2014) due to the exceptionally high binding capacity,

reliability and ease of handling.

Trials of a whole-cell assay combining surface display

of CDH with immobilized roGFP2-Orp1

ConA-biotin, streptavidin and reduced biotin-roGFP2-Orp1 were

added sequentially to induced and washed cells displaying CDH-F or

CDH-F+ to generate a space-proximity detection system (Fig. 1). Sol-

uble roGFP2-Orp1 was added in excess to the reaction mix to buffer

unspecific oxidation at the cell surface. We then assessed whether

this system is capable of differentiating the peroxide production of

displayed CDH-F+ in comparison to CDH-F (negative) when the

assay reactions were started with the native CDH substrate cellobiose

(Fig. 4). With proceeding reaction time, differences in the ratio of

fluorescence intensities were detectable as CDH-F+ fluorescence
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Fig. 1 Whole cell screening assay for peroxide formation with immobilized

roGFP2-Orp1. Scheme depicting the designed whole cell screening assay

where the displayed enzyme oxidizes its substrate and concomitantly reduces

oxygen to H2O2. The formed H2O2 causes oxidation of neighboring biotin-

roGFP2-Orp1 from the reduced (R) to the oxidized (Ox) state and is connected

to a change in the fluorescence. roGFP2-Orp1 is in close proximity since it is

also immobilized on the surface of the cell via the ConA-biotin, streptavidin

ConAct system.

signals at 405 nm excitation increased while the prospected negative

reaction of CDH-F maintained a reduced state with predominant

488 nm excitation. For CDH-F, gated events reached a level of not

<4.54% of the overall population (20 min) whereas for CDH-F+

the gated event count increased from 6.90% (1 min) to 41.08%

(20 min), 9-fold of the respective CDH-F sample at stopping time and

clear sign for specific roGFP2-Orp1 oxidation. To confirm specific

enzymatic activities after the immobilization procedure we evaluated

the prepared cultures with the established Amplex Red/Peroxidase

assay and detected minor impact of washing and staining steps on the

activity (65% remaining activity) of the displayed CDH variants and

no unspecific H2O2 production. The immobilized biotin-roGFP2-

Orp1 virtual concentration used is ∼0.08 µM and thus around 8% of

the previously used soluble roGFP2-Orp1 concentration in the assays.

Discussion

With this report, we provide a mechanistic analysis of roGFP2-Orp1

as a fluorescent H2O2 resolving reporter and propose potential

applications for screening of hydrogen peroxide producing enzymes.

The characterization of its fundamental kinetic parameters and reac-

tivities are valuable in all fields of application, for the improved

understanding of this and other fluorescent probes and for the

development of novel screening technologies.

roGFP2-Orp1 is a sensitive H2O2 reporter with a

relatively low reaction rate

With the assessment of fluorescent intensities of roGFP2-Orp1 at the

fully reduced and oxidized endpoint we were able to correlate the

change in fluorescence signals to the roGFP2-Orp1 concentration

and use it for the estimation of kinetic parameters Km and Vmax

(Fig. S3). With the given experimental setup, we could estimate a Km
of 0.3 µM, suggesting a pronounced specificity for the interaction

of roGFP2-Orp1 with H2O2. The estimation of Vmax allowed to

calculate a catalytic rate constant kcat of 0.11 min−1, a comparably

slow turnover of hydrogen peroxide when compared to the reactions

of thiol peroxidases homologous to Orp1 (Parsonage et al., 2005;

Tanaka, Izawa and Inoue, 2005). Most likely, the rate limiting step in

its fluorescent response to H2O2 is the non-native interdomain thiol-

disulfide exchange from theOrp1 to the roGFP2moiety, amechanism

that is likely defined by the probability for close contact of this non-

native couple of domains.

The roGFP2-Orp1 resolving power depends on its

stoichiometric excess

When combining the roGFP2-Orp1 peroxide sensor with H2O2

producing enzymes, one needs to acknowledge the sensor’s relatively

low turnover number of around 0.1 min−1. This is of importance

when hydrogen peroxide is produced at substantially higher rates as

was observed in our experiments when H2O2 formation by POx

was detected with roGFP2-Orp1 at a molar excess of a 100-fold

(Fig. 2A and B). POxwt and variants T166R, L545C are pronounced

oxidases with reported catalytic constants kcat for H2O2 formation

of 42 s−1, 11 s−1 and 2.7 s−1, respectively (Brugger et al., 2014a). At

the given conditions, the roGFP2-Orp1 sensor could not resolve these

large differences in hydrogen peroxide formation since its turnover

rates could not keep pace with elevated production. However, the

fluorescent probe was successfully used to identify H2O2 formation

from variant N593C (Brugger et al., 2016), a rather strict dehydroge-

nase with substantially reduced oxygen reactivity (0.18 s−1), which

underlines the exceptional sensitivity of roGFP2-Orp1.

roGFP2-Orp1 is susceptible to unspecific oxidation

reactions

The reactivity of roGFP2-Orp1 with molecular oxygen and various

radical species has been extensively analyzed by Müller et al., who

concluded the Orp1 moiety to be more susceptible to unspecific thiol

oxidation under aerobic conditions. Whether this is a direct effect of

molecular oxygen or a radical-mediated oxidation, potentially from

Fenton-like chemistry by transition metals in the buffer, was not

resolved in their work (Müller et al., 2017). Our experiments with

roGFP2-Orp1 in vitro confirmed that specific reactions of the probe

with H2O2 can only be achieved in the presence of ion-complexing

EDTA (Fig. S10). In our experiments at ambient oxygen concentra-

tions (Figs 2, 3, S4, S5), a certain degree of unspecific oxidation is

detected in negative controls and blank measurements even though

freshly degassed buffers were used. Especially the data summarized

in Fig. S5 points toward a more unfavorable ratio of ambient oxygen

to roGFP2-Orp1 with lower sensor concentrations.

Utilization of roGFP2-Orp1 in whole-cell assays

The first report on the employment of a fluorescent H2O2 probe for

the screening of enzyme activity describes an intracellular system.The

synthetic fluorescent H2O2 sensor HyPer was used for the detection

of H2O2 formed by the uncoupling reaction of cytochrome P450

(Lim and Sikes, 2015) in the E. coli cytosol. In our setup, the enzyme

(CDH variants) is displayed on the cell surface since this simplifies the

addition of substrates and allows quantification of expression levels

and normalization of activities via staining of a suitable tag with

fluorescently labeled antitag antibodies if desired. Immobilization

of roGFP2-Orp1—mediated by the ConAct system—in close spatial
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Fig. 2 Detection of pyranose 2-oxidase (soluble) dependent H2O2 formation with roGFP2-Orp1 (soluble). About 1.0 µM roGFP2-Orp1 was mixed with 0.01 µM

recombinant POx from T. ochracea and let equilibrate for 100 seconds before substrate was added to start H2O2 formation (arrow). (A) POx wt was fueled with

d-glucose at concentrations of 0.4 µM, 2 µM, 10 µM, 50 µM, 250 µM, 500 µM, 1000 µM and buffer only (dotted). (B) POx variants: wt, T166R, L545C, L547R,

Q448H, N593C and the combinational variant T166R|N593C were fueled with d-glucose at a concentration of 500 µM. Numbers in brackets reflect relative

activities that were determined with the established Amplex Red/peroxidase assay under identical experimental conditions. Fluorescent intensities were tracked

for 1800 seconds.

proximity to the place of H2O2 formation (the oxidase) (Fig. 1)

minimizes crosstalk between neighboring cells in a reaction mix

without compartmentalization in emulsions (Aharoni et al., 2005;

Ostafe et al., 2014). The reactions can be stopped with IAA (Fig. 3)

before cells are analyzed for their 400/490 nm fluorescence ratio and

separated using FACS.

We used this system to successfully differentiate between CDH

variants with differing oxidase activities. As enzymatic reactions

progressed, cell populations shifted in their 405 versus 488 nm

fluorescence excitation ratio due to H2O2-mediated roGFP2-Orp1

oxidation and could be gated against the negative control (Fig. 4).

It is still observable though, that populations are not strictly homo-

geneous and especially scattered for CDH-F+ in early reactions

which could stem from a small portion of false-positives or an

unsynchronized reaction start.

In our trials, differentiation of variants could only be accom-

plished when soluble roGFP2-Orp1 was added in excess to the

assay reactions to buffer unspecific oxidation of the immobilized

biotin-roGFP2-Orp1 by ambient oxygen. As was pointed out, higher

roGFP2-Orp1 concentrations were less susceptible to unspecific oxi-

dation (Fig. S5). Consequently, reactions could only be resolved via

flow cytometry after cells and immobilized sensor were separated

from the reaction mix via centrifugation. In the absence of excess

roGFP2-Orp1, positive and negative reactions were indifferentiable

since the unspecific oxidation left little margin for the contribution

of peroxide-mediated oxidation (Fig. S11).

ALthough the screening assay employing roGFP2-Orp1 could

benefit from an air-free environment to minimize disturbances—

reactions could be performed in a ‘glove box’—the formation of

H2O2 by the screened enzyme is dependent on (low concentrations
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Fig. 3 Detection of cellobiose dehydrogenase-dependent (yeast-displayed) H2O2 formation with soluble roGFP2-Orp1 in a whole cell format. About 1.0 µM

roGFP2-Orp1 was mixed with CDH-displaying S. cerevisiae cells present at an optical density OD600 of 1.0 and let equilibrate for 100 seconds before cellobiose

was added to start the reaction (CB, arrow). Fluorescence ratios were tracked for the oxygen-reactive CDH-F+ variant (orange), the CDH-F wild type (violet) and

an empty vector control (EVC) (blue). Four hundred and twenty seconds into the reaction, 50 mM IAA was added (IAA, arrow) to the samples (full lines). Negative

controls (dashed lines) was added CB but buffer instead of IAA.

Fig. 4Whole cell assay for the detection of displayed CDH-F+ activity with immobilized roGFP2-Orp1. S. cerevisiae cells displaying CDH-F or CDH-F+, respectively,

were stained with ConA-biotin, streptavidin and biotin-roGFP2-Orp1 to immobilize the biotinylated sensor protein on the surface of the yeast cells. With the

addition of the cellobiose substrate the formation of H2O2 was initiated in the case of CDH-F+. Accumulation of peroxide then led to oxidation of the roGFP2-

Orp1 on the surface of individual cells which could be tracked by the fluorescence ratio. Reactions were stopped with IAA after 1, 10 and 20 minutes. Cells were

washed and analyzed in the flow cytometer at 405/525(40) nm and 488/525(40) nm. About 10 000 events were recorded and the gate placed according to the

CDH-F negative control. Numbers in brackets represent the proportion of gated events.
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of) oxygen, and total exclusion of oxygen is not an option. Decreased

O2 concentrations may also be beneficial, but the required equipment

and handling procedures run counter to the idea of a user-friendly and

simple high-throughput screening system.

Conclusion

In this report, we describe the development of a screening platform

for oxidase activity employing roGFP2-Orp1 as a fluorescent per-

oxide sensor that does not require artificial compartmentalization.

Analysis of its catalytic properties and insights from trials in soluble

format allowed us to successfully employ this system in combination

with cells displaying CDH variants. The major obstacle, unspecific

reactivity of the sensor with molecular oxygen, could be overcome

by applying an excess of soluble sensor.

For full adaptation to ultra-high-throughput screenings, a mod-

ified sensor performing faster with hydrogen peroxide is desirable.

Ideally, a hydrogen peroxide-specific oxidation outperforming the

unspecific oxidation to a significantly higher degree would widen the

detectable activity ranges of enzymes of interest and make handling

of the system more user-friendly. Future studies will evaluate the

performance of this platform with large libraries of oxidase variants.

Material and Methods

Materials

Unless otherwise stated, all chemicals and reagents used in this study

were of highest available purity and purchased from Sigma–Aldrich

(Germany).

Recombinant expression and purification of

roGFP2-Orp1

The pQE-60 roGFP2-Orp1 expression plasmid (Gutscher et al.,

2009), containing a C-terminal His-tag was kindly provided by

Tobias Dick (Addgene plasmid #64976, RRID:Addgene_64976).

After isolation, the purified plasmid was transformed into NEB

Express Iq competent E. coli cells (New England Biolabs, Germany),

its presence and identity were confirmed via sequencing (Microsynth

AG, Austria). For recombinant protein production, E. coli cultures

were routinely grown in TB medium, supplemented with 1.0 g L−1

glucose monohydrate and 100 µg ml−1 ampicillin. Expression and

IMAC purification were carried according to a previously published

protocol (Brugger et al., 2014a) with the adaptation of inducing

cultures at 20◦C for 20 hours and using Tris HCl-based buffers

at pH 8.0 for all cell disruption and purification steps. As a

polishing step, active fractions were pooled and subjected to SEC

using a 180 ml HiPrep Sephacryl SEC column (GE Life Sciences,

Germany) with 50 mM Tris HCl, 500 mM NaCl pH 7.5. Clean and

fluorescent chromatography fractions, as judged by SDS-PAGE and

their fluorescence signal (isosbestic fluorescence Ex. 423 nm, Em.

520 nm) were pooled, desalted and concentrated with centrifugal

filters before being stored at −80◦C in freshly prepared storage

buffer (10 mM Tris HCl, 5 mM EDTA, 1 mM DTT, 10% w/w

glycerol, pH 7.5).

Protein analysis

The estimation of protein concentration was generally carried out

by determination of the protein’s absorbance at 280 nm wave-

length. For His-tagged roGFP2-Orp1 an extinction coefficient of

ε280 = 39 685 M−1 cm−1 was used. The presence of the full-length

protein was confirmed via peptide mapping by LC–ESI–MS. The

purity of purification fractions and pooled solutions was evaluated

by SDS PAGE and carried out using precast stain-free gels (Bio-Rad,

Austria) that were visualized spectroscopically.

Preparation of roGFP2-Orp1 for fluorescent

measurements

Frozen stock solutions of roGFP2-Orp1 at about 200 µM were

diluted to 9.0 µM in GFP buffer (100 mM potassium phosphate

buffer, 5 mM EDTA, pH 7.25, degassed and saturated with nitrogen).

To facilitate workwith the redox probe, roGFP2-Orp1 solutions were

initially reduced on ice for 20 minutes in GFP buffer containing

20 mM DTT. DTT concentration in the solution was gradually

decreased to <10 µM by repeated rebuffering against GFP buffer

in 0.5 ml, 50 kDa cut-off spin filters (Merck Millipore, Germany)

(Gutscher et al., 2009) before the solution was diluted to ∼1 µM and

stored air-sealed for immediate use.

Unless otherwise stated, all measurements were carried out as

200 µl reactions in 96-well plate format. Fluorescent measurements

were generally recorded at 400 nm, 490 nm excitation and 520 nm

emission using an EnSpire alpha platreader (PerkinElmer, Austria).

The resulting changes in fluorescence intensities at 520 nm, given

in a.u., were commonly displayed as a ratio of 400 nm by 490 nm

excitation, respectively and plotted against time.

Estimation of differential molar fluorescence extinction

coefficients εox

To quantify the correlation of roGFP2-Orp1 fluorescence and redox

state, a dilution series (0.1–1.4 µM) of the fusion protein was

equilibrated for 20 minutes in GFP buffer containing either 20 mM

DTT or 0.1 mM H2O2. This yielded roGFP2-Orp1 in the reduced

and oxidized state, respectively. Subsequently, fluorescence emission

intensities (IF) at 400 nm, 490 nm excitation and 520 nm emission

were recorded in 200 µl quintuplicates in a fluorescent plate reader

and plotted against the roGFP2-Orp1 concentration.Obtained corre-

lations, as linear least square fitted slopes (m), were used to calculate

the change in fluorescence emission intensity per µM roGFP2-Orp1

(εox) between the reduced and the oxidized state (oxidation reaction)

at a certain wavelength (λ) for the given concentrations and experi-

mental setup according to:

εox,λ = mox.,λ −mred.,λ =

d
(

IFox,λ
)

− d
(

IFred,λ

)

d ([roGFP2 −Orp1])
(1)

Based on the premise that every molecule of roGFP2-Orp1 can be

present at only one of two distinct redox states, reduced or oxidized,

the change in emission intensity for one molecule is proportional to

the change in emission intensity of µM concentrations of roGFP2-

Orp1. This principle was similarly described for the determination of

roGFP redox potentials before (Aller, Rouhier and Meyer, 2013).

Determination of kinetic parameters of the

H2O2-dependent roGFP2-Orp1 reaction

In order to estimate the kinetic parameters of the roGFP2-Orp1

reaction with H2O2, aliquots of the roGFP2-Orp1 fusion protein

were prepared as described above and diluted to 1 µM in a 200 µl

reaction mix. After an initial equilibration phase, H2O2 was added
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in varying amounts to final concentrations of 0.05–10.0 µM. GFP

buffer served as a blank measurement as described before (Gutscher

et al., 2009; Müller et al., 2017). Resulting changes in the fluorescent

signals were tracked for 1800 seconds and slopes obtained from four

independent sets of measurements were calculated into catalytic rates

using εox. Apparent kinetic constants were estimated by nonlinear

least-square regression fitting using theMicrosoft Excel solver plugin.

Resolving enzymatic H2O2 formation with

roGFP2-Orp1 in vitro

Initially, roGFP2-Orp1 was prepared as described before and diluted

to 1 µM before being incubated with 10 nM of purified pyranose

2-oxidase (POx) from Trametes ochracaea (formerly Trametes multi-

color). To start the enzymatic formation of H2O2 by POx, d-glucose

or alternative sugar substrates such as d-xylose, d-galactose, maltose

were added after equilibration. For discrimination of activities of

different POx variants, 10 nM of purified enzyme were used. Purified

POxwt and variants were kindly gifted by Leander Sützl from BOKU

University, Austria.

Display of CDH on the surface of S. cerevisiae

CDH from Myriococcum thermophilum (Zámocký et al., 2008; Tan

et al., 2015), UniProtKB A9XK88 was expressed in a display format

using the established yeast surface display format for S. cerevisiae

(Boder and Wittrup, 1997; Angelini et al., 2015). The gene sequence

encoding the wild type flavin domain of CDH (CDH-F) and an

engineered flavin domain with increased oxygen reactivity (CDH-

F+) which was kindly provided by Prof. Roland Ludwig from BOKU

University, Austria (Kracher et al., 2019). The genes were cloned in

frame into the pCTCON2 display plasmid, omitting the sequence

encoding the 247 N-terminal residues comprising the signal peptide,

cytochrome domain and linker. The recombinant constructs CDH-F,

CDH-F+ and an EVC were transformed into competent S. cerevisiae

EBY100 using the Frozen-EZ Yeast Transformation II Kit (Zymo

Research, Germany). Vector and expression strain were kindly gifted

by Dane Wittrup from MIT, USA.

Transformed cells were plated on SD-CAA selection plates and

positive clones were expressed in SD-CAA liquid culture for 20 hours

at 30◦C prior to media change and induction in SG(R)-CAA medium

supplemented with 1% w/w raffinose at 20◦C for 30 hours (Puri

et al., 2013; Angelini et al., 2015).

Assessment of display efficiency and enzyme activities

Assessment of display levels was carried out based on the fluorescent

staining of a C-terminal myc-tag and detection by flow cytometry.

The procedure consisted of binding of the myc-tag with an anti-myc

(9B11) primary mouse antibody (Cell Signaling Technology, USA)

and labeling of the primary antibody with an antimouse secondary

antibody conjugated with fluorescent Alexa Fluor 647 dye (Cell

Signaling Technology). In parallel, enzyme activities were evaluated

by determining cellobiose dependent H2O2 formation by CDH-F+

using the established Amplex Red/peroxidase assay (10).

Use of roGFP2-Orp1 in combination with cell-displayed

CDH

The CDH constructs were expressed as described. Cell suspensions

were washed twice with phosphate buffered saline (PBS) at pH 7.4 to

remove media components and diluted to an optical density (OD600)

of 5.0 in 100mMpotassium phosphate buffer, 5 mMEDTA at pH 6.0

(PPB, pH 6). In parallel, aliquots of roGFP2-Orp1 were prepared as

described and diluted in GFP buffer. Aliquots of induced S. cerevisiae

cultures displaying CDH-F, CDH-F+ and an EVC were transferred

to a 96-well plate before roGFP2-Orp1 solution was added. After an

initial equilibration phase of 100 seconds, enzymatic reactions were

started with the addition of cellobiose to yield reaction mixtures of

1.0 µM roGFP2-Orp1, cells of OD600 = 1.0 and 10 mM cellobiose

in 100 mM PPB pH 6.0. Another 420 seconds into the reaction IAA

was added to a concentration of 50 mM. Fluorescent signals were

tracked for 1800 seconds.

Immobilization of biotinylated roGFP2-Orp1 on yeast

cells

We used a commercial in vivo biotinylation system, acquired from

Avidity (USA), to equip roGFP2-Orp1 with an N-terminal AviTag.

In this system, coexpression of the biotin ligase BirA mediates the

enzymatic biotinylation at the AviTag during recombinant expression

in E. coli. The roGFP2-Orp1 coding sequence was introduced in-

frame into the pAN4 expression vector (Avidity) using the NEBuilder

HiFi Assembly Kit (New England Biolabs). The correct assembly of

the pAN4 biotin-roGFP2-Orp1 expression plasmid was confirmed

by sequencing before the construct was transformed into competent

E. coli EVB101 cells for expression. The production of N-terminally

biotinylated roGFP2-Orp1 was carried out as recommended by the

supplier with the difference of inducing protein expression at 20◦C

for 18 hours. Purification of biotin-roGFP2-Orp1 was carried out as

described above.

For plant lectin ConA mediated immobilization of biotinylated

roGFP2-Orp1 on S. cerevisiae, EBY100 cells were cultivated in SD-

CAA medium, harvested and washed in PBS twice as described.

Immobilization was done after incubating 1.0 ml cells of OD600 1.0

in blocking buffer (PBS + 2% bovine serum albumin BSA) by consec-

utive incubation with 10 µg biotinylated ConA (Vector laboratories,

USA), 50 µg Streptavidin (New England Biolabs) and 250 µg biotin-

roGFP2-Orp1, each for 30 minutes shaking at room temperature.

Between all steps, cells were washed with PBS-A (PBS + 0.1% BSA)

by centrifugation at 12 000 rcf for 2 minutes and gentle resuspension.

PBS-A was also used as a diluent for the labeling reagents. Labeled

cells were analyzed in a CytoFLEX S flow cytometer (Beckman

Coulter, USA) using a 488 nm laser for excitation and detection in

the FITC channel (525/40 nm).

Detection of displayed CDH activities with cell-tethered

roGFP2-Orp1

Biotin-roGFP2-Orp1 was reduced and prepared for fluorescent mea-

surement as described for the unbiotinylated protein. S. cerevisiae

cells were induced to display CDH-F and CDH-F+. From each

clone, 500 µl cells of OD 1.0 were harvested, washed and blocked

in blocking buffer. Subsequently, immobilization was carried out

while maintaining biotin-roGFP2-Orp1 in the degassed buffer prior

to use. About 25 µg ConA-biotin, 50 µg Streptavidin and 250 µg

biotin-roGFP2-Orp1 were used for the sequential immobilization.

For the whole cell assay reaction, cells were maintained in 2 ml of

125 µg ml−1 biotin-roGFP2-Orp1 during the course of the reaction

to detect peroxide locally (immobilized sensor) but simultaneously

buffer the oxygen dependent background reaction (soluble sensor).

Reactions were started with 10 mM cellobiose and then sequentially

stopped after 1, 5 and 20 minutes of reaction using 50 mM IAA.
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The assay cell suspensions were then subjected to centrifugation at

12 000 rcf for 2 minutes and a subsequent washing step in PBS-A

before being analyzed for fluorescent ratios in the flow cytometer

with lasers operating at 405 and 488 nm in the FITC channel

525/40 nm.

Supplementary data

Supplementary data are available at PEDS online.
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Supporting information 1 

Fig. S1: SDS PAGE of roGFP2-Orp1 IMAC purification fractions. (CE) crude extract, (FT) flow 2 

through, (M) mass standard and (F1-F6) elution fractions from the initial IMAC purification. The 3 

respective molecular masses of the mass standard bands are given in kDa. 4 
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2 

Fig. S2. Correlation of roGFP2-Orp1 fluorescence and concentration in the reduced and 7 

oxidized state. Fluorescence intensities of roGFP2-Orp1 samples at varying concentrations 8 

were measured in the reduced state (reduced, 20 mM DTT) and the oxidized state (oxidized, 9 

0.1 mM H2O2) in replicates of n=4. Measurements were performed at 520 nm emission and 10 

either 400 nm, or 490 nm excitation respectively where standard deviations are indicated with 11 

error bars. From the obtained data points, least square regression fits were prepared for the 12 

reduced (full line) as well as for the oxidized samples (dashed line), straight line equations (R² 13 

> 0.99) are stated above. To yield differential molar fluorescence extinction coefficients (εox) 14 

slopes from the gained fits were subtracted to obtain an average over varying concentrations. 15 

εox are indicated as arrows in the graph following the oxidation reaction from the reduced to 16 

the oxidized state. 17 
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3 

Fig. S3. Michaelis Menten saturation curve describing the reaction of roGFp2-Orp1 with H2O2. 20 

0.9 µM roGFP2-Orp1 was prepared as described and incubated with 0.05, 0.10, 0.25, 0.50, 21 

0.75, 1.0, 5.0 ,10.0 µM H2O2 or buffer in triplicate measurements, standard deviations are 22 

indicated by error bars. Reaction rates were calculated from the changes of fluorescence 23 

intensities at 490 nm excitation, 520 nm emission and are given in µM of substrate turned 24 

over per minute. Fitting the obtained data to the Michaelis Menten equation allowed to 25 

estimate a Km of 0.30 ± 0.04 µM and Vmax of 0.09 ± 0.01 µM min-1. 26 
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Fig. S4. Detection of pyranose 2-oxidase (soluble) dependent H2O2 formation with roGFP2-Orp1 29 

(soluble) – different sugars. roGFP2-Orp1 was reduced (20 mM DTT) in the absence of oxygen 30 

and filtered to remove DTT as is described in the material and method section. 1.0 µM roGFP2-31 

Orp1 was mixed with 0.01 µM recombinant POx from T. ochracea and let equilibrate for 100 32 

seconds before its sugar substrate was added to start H2O2 formation (arrow). D-glucose (Glc), 33 

D-xylose (Xyl), D-galactose (Gal), D-maltose (Malt), D-fructose (Frc), D-glucose-1-phosphate (Glc-34 

1-P) and D-mannose (Man) were tested at a concentration of 1.0 mM. Reactions were 35 

performed in 200 µL reaction in a fluorescent plate reader and fluorescence intensities were 36 

tracked as a ratio of 400 vs. 490 nm excitation at 520 nm emission.  37 

 38 

 39 

  40 

0.10

0.15

0.20

0.25

0.30

0.35

0.40

0.45

0 200 400 600 800 1000 1200 1400 1600 1800

Fl
u

o
re

sc
en

ce
 r

at
io

: 4
00

/4
90

 n
m

time [sec]

Glc
Xyl
Gal
Malt
Frc
Glc-1-P
Man
Blank



5 

Fig. S5. Dependence of the concentration of roGFP2-Orp1 for its unspecific reactivity. A stock 41 

solution of 9 µM roGFP2-Orp1 was reduced (20 mM DTT) in the absence of oxygen and filtered 42 

to remove DTT as is described in the material and method section. This stock solution was then 43 

diluted to 1.50, 0.51, 0.25, 0.13 µM in degassed GFP Buffer and let equilibrate for 200 seconds 44 

before either 10 µM H2O2 (full lines) or buffer (dashed lines) was added. Reactions were 45 

performed in 200 µL reaction in a fluorescent plate reader and fluorescence intensities were 46 

tracked as a ratio of 400 vs. 490 nm excitation at 520 nm emission.  47 
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Fig. S6. Flow cytometry histograms for the expression levels of CDH-F variants. S. cerevisiae cells 50 

carrying the pCTCON2 plasmid containing either the CDH-F (left) or the peroxide producing 51 

CDH-F+ construct (right) were induced in SG(R)-CAA medium at 20 °C for 24 h. Cells were 52 

harvested before (dashed line) and 24 h into the induction (full line) and analyzed for their 53 

expression level via fluorescent staining of the C-terminal myc-tag with fluorescent antibodies 54 

(Alexa Fluor 647 dye) and analysis of 10 000 events via flow cytometry. A similar ratio of 55 

displaying cells of around 76.1% and 75.6% and comparable fluorescent signals, median 56 

fluorescence intensities of gated positives of 2.50·105 and 2.45·105, was estimated for CDH-F 57 

and the CDH-F+ variant, respectively. 58 
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Fig. S7. Detection of H2O2 formation from displaying S. cerevisiae cultures using the Amplex 61 

Red/peroxidase assay. 160 µL assay reagent containing 62.5 µM Amplex UltraRed, 10 U mL-1 62 

horseradish peroxidase in 50 mM potassium phosphate buffer (pH 6.0) were mixed with 60 µL 63 

sample and 30 µL of 80 mM cellobiose to yield 250 µL assay reaction. S. cerevisiae cell cultures 64 

(OD 5.0) displaying CDH-F, the peroxide producing variant CDH-F+ or an empty vector control 65 

(EVC) were mixed with the assay reagent, let equilibrate for 420 seconds before 20 mM 66 

cellobiose was added to start the reaction. Purified and soluble CDH-F+ at an activity of 1 mU 67 

mL-1 (H2O2 formation, ABTS assay) was used as a reference. Fluorescence intensities were 68 

tracked in a plate reader at 535 (9) nm excitation and 535 (20) nm emission every 25 seconds 69 

and are given in arbitrary units (a.u.).  70 
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Fig. S8. Michaelis Menten saturation curve for the reaction of biotinylated roGFP2-Orp1 with 73 

H2O2. 1.1 µM roGFP2-Orp1 was prepared as described and incubated with 0.05, 0.1, 0.25, 0.5, 74 

0.75, 2.5, 5.0 ,10.0 µM H2O2 or buffer in triplicate measurements, standard deviations are 75 

indicated by error bars. Reaction rates were calculated from the changes of fluorescence 76 

intensities at 490 nm excitation, 520 nm emission and are given in µM of substrate turned over 77 

per minute. Fitting the obtained data to the Michaelis Menten equation allowed to estimate a 78 

Km of 0.63 ± 0.09 µM and Vmax of 0.13 ± 0.01 µM min-1. With roGFP2-Orp1 present at 1.1 µM in 79 

the assay, a kcat of 0.11 was calculated and aligned with the kinetic properties of unbiotinylated 80 

roGFP2-Orp1.  81 
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Fig. S9. Flow cytometry histogram for the immobilization of biotin-roGFP2-Orp1 on yeast cells. 85 

S. cerevisiae EBY100 cells were mixed with ConA-biotin, streptavidin and biotin-roGFP2-Orp1 86 

and 10 000 events were analyzed in a flow cytometer using the FITC channel (530/30 nm) for 87 

detection of roGFP2 fluorescence. (Blue) A cells only sample served as negative control. A 88 

sample containing all components (orange) was analyzed alongside a sample lacking ConA-89 

biotin (green) and a sample lacking streptavidin (violet). The binding mode of the various 90 

components is schematically depicted (insert). The biotinylated lectin ConA binds to glycan 91 

structures of the yeast cell wall and is in turn bound by free streptavidin. The tetrameric 92 

streptavidin can bind three additional biotins and thus mediate association of biotin-roGFP2-93 

Orp1.  94 
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Fig. S10. Detection of pyranose 2-oxidase (soluble) dependent H2O2 formation with roGFP2-97 

Orp1 (soluble) in the absence of EDTA. Contrasting to previous measurements with GFP buffer, 98 

the buffer formulation was changed to 100 mM degassed potassium phosphate buffer, pH 7.25 99 

with no EDTA supplemented. 1.0 µM roGFP2-Orp1 was mixed with 0.01 µM recombinant POx 100 

from T. ochracea before 500 µM D-glucose was added 300 seconds into the equilibration to 101 

start H2O2 formation (arrow). As a negative control, buffer was added instead of D-glucose.  102 
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Fig. S11. Whole cell assay for the detection of CDH-F+ display activity with immobilized roGFP2-105 
Orp1 but without scavenging soluble roGFP2-Orp1. S. cerevisiae cells displaying CDH-F or CDH-106 
F+, respectively, were stained with ConA-biotin, streptavidin and biotin-roGFP2-Orp1. After the 107 
immobilization procedure, cells were immediately mixed with cellobiose: CDH-F (CB), CDH-F+ 108 
(CB); buffer CDH-F+ (Buffer), or 10 µM H2O2: CDH-F+(H2O2) to assess the impact of interfering 109 
background reactions. Fluorescence intensities were recorded in a plate reader every 20 seconds 110 
(colored x) and resulting curves smoothed (full lines).  111 
  112 
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Chapter 5 – Conclusion and Outlook 

In the course of this PhD, research was conducted that aimed at incorporating novel approaches 

into the discovery and development of unknown enzymes or improved enzyme variants. The major 

revelations from these developments were published in two scientific publications.  

 

As is summarized in Chapter 2, a comprehensive phylogenetic analysis revealed that fungal and 

newly discovered bacterial pyranose 2-oxidases (POx) are closely related and likely share a recent 

common ancestor. Further, it was shown that a wide variety of bacterial classes harbor putative 

POx genes, but sequences most closely related to fungal POx can uniformly be attributed to 

Actinobacteria. This class of bacteria is renowned for their decomposing lifestyle, fungal-like 

morphology and antibiotic production. Guidance by the phylogenetic calculations and a 

bioinformatic sequence analysis allowed to dissect these putative POx genes further and select a 

small set of sequences for expression trials.  

The expression and ensuing characterization of one of these candidates, the POx from 

Kitasatospora aureofaciens (formerly Streptomyces aureofaciens) could successfully illustrate that 

the high degree of sequence similarity to fungal POx was also reflected in the similar enzymatic 

properties, most notably in terms of substrate preference and catalysis. In a series of in vitro 

experiments the bacterial KaPOx efficiently complement the activity of a manganese peroxidase 

and displayed astonishing synergistic catalysis. We resolved redox cycling of quinones and 

complexed manganese between the enzymes, facilitated by the versatile oxidase and 

dehydrogenase activity of the POx enzyme. Hence, we ascribed this tandem mechanism between 

POx and peroxidases a potential relevance in lignin attack, where processes involving these 

enzymes could be similar in specialized fungi and bacteria.  

Currently, the scientific community lacks a holistic view of the intricate processes that facilitate 

bacterial lignocellulose decomposition. For only a few organisms (Bacillus spp., Streptomyces spp.), 

parts of the enzymatic cascades are resolved and knowledge on bacterial lignocellulose 

decomposition oftentimes focuses on polysaccharide attack while ligninolytic activities are 

underrepresented. This gap in knowledge might best be tackled by gathering in vivo data from 
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bacterial model organisms during lignin attack in the future, to bring biochemical data into a 

biological perspective. Secretome studies could further help to elucidate the interplay of laccases, 

peroxidases, and auxiliary activity enzymes such as POx in a timely fashion. Still, such organisms 

are not quite established yet but could originate from the class of Actinobacteria, where several 

enzymes have been characterized to date.  

The presence of POx and specialized peroxidase genes in the respective genomes could aid to 

predict ligninolytic activities to identify suitable bacteria. In comparison to fungal genomes, that 

often harbor multiple enzymes from the CAZy auxiliary activity family AA3 to support lignocellulose 

disintegration, knowhow is scarce on bacterial enzyme systems. As was reported in our publication, 

we found putative AA3 genes in the bacterial K. aureofaciens genome as well and identified them 

as cholesterol oxidase and choline dehydrogenase. Going forward, it would be of value to assess, 

whether these enzymes contribute to the ligninolytic machinery of bacteria and what the minimal 

set of enzymes required for efficient lignin depolymerization is. Such findings would greatly benefit 

biotechnological applications for lignin valorization, as natures second most abundant biopolymer 

is still rendered predominantly inaccessible and renewable sources of fuels and chemicals are 

urgently demanded.  

 

The proof-of-principle studies on deploying roGFP2-Orp1 for a novel high-throughput screening 

for oxidase activity in Chapter 4 were a combination of a series of successful developments. It 

included the recombinant production and characterization of the roGFP2-Orp1 in terms of kinetic 

behavior with H2O2, as well as protein engineering to contain a biotin tag. Additionally, the yeast 

surface display system was adapted for the expression of cellobiose dehydrogenase (CDH) variants 

and protocols improved to facilitate high activity of the enzyme when displayed on the S. cerevisiae 

cell wall. To facilitate artificial compartmentalization by tethering the fluorescent roGFP2-Orp1 

sensor proteins to the yeast cell wall, an efficient immobilization technique relying on biotin-

streptavidin coupling and concanavalin association to the cell wall glycans was invented. 

Ultimately, the roGFP2-Orp1 side reactivity with ambient oxygen was identified as one of the major 

challenges for the application of the devised high throughput screening in enzyme engineering and 

could be overcome by implementing a simple oxygen scavenging system and stop-reagent into the 
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screening assay. These findings allowed to utilize roGFP2-Orp1 to differentiate between CDH 

variants with just marginally different H2O2 formation rates in a whole-cell flow cytometry 

platform. 

Still, several steps are deemed necessary in order confirm that this system is indeed fit for the 

application in enzyme engineering campaigns. Most importantly, the described proof-of-principle 

experiments were performed with uniform cell populations, displaying the CDH variants in 

separate tubes in parallel, instead of in mixed populations. To guarantee actual variant libraries 

could be assayed in essentially a single tube, crosstalk between the individual variants (cells) needs 

to be avoided. Hence, the degree of this sort of interference needs to be evaluated in what is 

commonly referred to as a model-library recovery experiment. There, a series of cell suspensions 

containing different ratios of positive vs. negative variants (often 0.1 – 20 %) are assayed in the 

screening reaction, analyzed in a flow cytometer, before being sorted by FACS. The degree of 

positive variants in the sorted collection should come close to 100 % and cells should maintain high 

viability to justify real library sorts. Future research must address this evaluation and optimize assay 

conditions (cell densities, incubation times) to explore the boarders of applicability. In any case, it 

should be noted the roGFP2-Orp1 screening managed to resolve slight differences in oxidase 

activity of a non-specialized enzyme, where comparable research commonly employed glucose 

oxidase, likely on of the best performing oxidase enzymes. It could thus be especially convenient 

in cases, where enzymes display just basal oxygen reactivity and enhancement is desired.  

With these projects I hope to have highlighted how the discovery and development of novel 

enzymes can benefit from advanced technology. Clearly, I here want to emphasize that certain 

challenges in enzyme engineering and discovery, especially approaching other types of enzymes, 

might require different strategies and the described methodologies might not be tailored for all 

tasks. One of the major takeaways from this thesis could be that the recent advancements in 

bioinformatics are progressively changing the field of enzyme engineering. In my humble opinion, 

more and more tasks will rely on computer-guided predictions and certain reiterating trail-and-

error approaches will greatly benefit from improved starting points. These revelations could, in 

some cases, be just around the corner.  
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